Characterization and manipulation of lipid self-assembly to construct stable, portable synthetic lipid bilayers by Venkatesan, Guru Anand
University of Tennessee, Knoxville
Trace: Tennessee Research and Creative
Exchange
Doctoral Dissertations Graduate School
5-2017
Characterization and manipulation of lipid self-
assembly to construct stable, portable synthetic
lipid bilayers
Guru Anand Venkatesan
University of Tennessee, Knoxville, gvenkate@vols.utk.edu
This Dissertation is brought to you for free and open access by the Graduate School at Trace: Tennessee Research and Creative Exchange. It has been
accepted for inclusion in Doctoral Dissertations by an authorized administrator of Trace: Tennessee Research and Creative Exchange. For more
information, please contact trace@utk.edu.
Recommended Citation
Venkatesan, Guru Anand, "Characterization and manipulation of lipid self-assembly to construct stable, portable synthetic lipid
bilayers. " PhD diss., University of Tennessee, 2017.
https://trace.tennessee.edu/utk_graddiss/4432
To the Graduate Council:
I am submitting herewith a dissertation written by Guru Anand Venkatesan entitled "Characterization
and manipulation of lipid self-assembly to construct stable, portable synthetic lipid bilayers." I have
examined the final electronic copy of this dissertation for form and content and recommend that it be
accepted in partial fulfillment of the requirements for the degree of Doctor of Philosophy, with a major in
Biomedical Engineering.
Stephen A. Sarles, Major Professor
We have read this dissertation and recommend its acceptance:
Pat Collier, Jaan Mannick, Christopher A. Baker
Accepted for the Council:
Dixie L. Thompson
Vice Provost and Dean of the Graduate School
(Original signatures are on file with official student records.)
Characterization and manipulation of
lipid self-assembly to construct stable,
portable synthetic lipid bilayers
A Dissertation Presented for the
Doctor of Philosophy
Degree
The University of Tennessee, Knoxville
Guru Anand Venkatesan
May 2017
© by Guru Anand Venkatesan, 2017
All Rights Reserved.
ii
To my mom and dad,
Poongothai and Venkatesan
my brother,
Ramesh
and my grandfather,
Srinivasan.
iii
Acknowledgements
I would like to express my deepest gratitude to my advisor, Dr. Andy Sarles, for his
guidance and support throughout my graduate school. Andy has been a great role
model and a friend. He has patiently taught me to become a better writer, speaker
and researcher. His dedication to things that he cared about, work ethics, mentorship
and sense of humor has always inspired me. I have learned a tremendous amount from
Andy and will forever be indebted to him.
Dr. Pat Collier has been instrumental in my work and deserves many thanks for his
scientific insights. I would like to thank Dr. Jaan Mannik and Dr. Christopher Baker
for their valuable inputs. I would also like to acknowledge the financial support offered
through Air Force Office of Scientific Research (AFOSR) Basic Research Initiative
(Les Lee’s M4 program).
I consider myself very fortunate for joining the Bioinspired Materials and
Transduction Laboratory, where I had the opportunity to learn and work alongside
great labmates and friends: Graham Taylor, Nima Tamaddoni, and Mary-Anne
Nguyen. I would like to extend a special thanks to Graham Taylor for being a great
friend and a role model, and for pushing me to get out of my comfort-zone. Finally,
I would like to acknowledge my parents, brother and friends for providing me with
love and constant encouragement.
iv
Abstract
The overarching goal of this research work is to further our understanding of lipid self-
assembly and its organization at an oil-water interface to support the development
of synthetic lipid bilayer systems that can be used in biologically relevant fields
such as membrane biophysics, protein electrophysiology, development of synthetic
biomolecules, drugs, nanoparticles and other applications. Self-assembly kinetics
and interfacial properties of lipid monolayers formed at a liquid-air and liquid-
liquid interface are characterized using Langmuir-Blodgett trough and pendant drop
tensiometer. Insights gained from these studies not only allow us to answer questions
related to droplet interface bilayer (DIB; a promising technique to assemble artificial
lipid membranes) formation but also enable us to manipulate properties of monolayer
in order to improve the potential of droplet interface bilayer by, a) increasing the
number of phospholipids that can form DIBs, b) improving the success rate of DIB
formation, and c) enhancing the electrical stability of bilayers formed. Owing to
its wide range of applicability, novel efforts towards improving the durability and
portability of DIB system are presented. In addition, this research work aims at using
Nanoscribe direct laser writing — a state-of-the-art 3D printing device, to build 3D
micro-scaffolds that can support lipid monolayers and bilayers that are suitable for
high resolution optical studies.
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Chapter 1
Introduction and Literature Review
1.1 Introduction
Biomimetics is the imitation of structural and/or functional concepts and models
found in nature to create physical models and engineering designs that are useful
for scientific and technological advancement. Humans have gained inspiration from
nature for numerous different applications; invention of trains from caterpillars,
flights from birds, and artificial photosynthesis from plants, to name a few. Other
biomimetic approaches involve developing structures and materials that mimic
what is found in nature in a microscopic and submicroscopic scale. For instance,
numerous superhydrophobic surfaces have been developed by structurally imitating
the nanoscale structures that are found on a lotus leaf. Such an approach to
structurally and functionally mimic the complex natural systems also enables us to
better understand the system and probe them in ways that is often tedious if not
immpossible to perform in their native state. One such structure that scientists have
been interested in for nearly a century is lipid bilayer — a 5-10 nm thick membrane
that surrounds a cell and many of its organelles. These membranes are made up
of highly regulated lipids and numerous other biomolecules playing unique roles to
support and orchestrate the nominal behavior of nearly all cells. For this reason,
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the lipid membrane structure, organization and functions are being heavily studied
to understand the various roles that they play using both live cells and biomimetic
models.
This work seeks to further our understanding of lipid self-assembly and its behavior
at a liquid-liquid interface to support and advance synthetic lipid bilayer systems, also
referred to as model membrane, that can be used to study biologically relevant fields
such as membrane biophysics, protein electrophysiology, and towards the development
of synthetic biomolecules, drugs and nanoparticles for various applications. The
findings from this work is also found to be useful in other fields which uses emulsions,
such as paint, petroleum, food and drug industries. Specifically, attempts to
understand the self-assembly kinetics and organization of phospholipids at an oil-
water interface and to apply engineering concepts to fabricate stable synthetic lipid
bilayers that are more biologically relevant, physically durable, portable and suitable
for high resolution optical probing will be addressed here.
1.1.1 Phospholipids
Phospholipids are a class of lipids that form the major component of membranes
found in living cells. These biomolecules are made up of a polar head group attached
to non-polar tail groups through a glycerol, hence the term Glycerophospholipids (see
Figure 1.1(a) & (b)). Because of this physically distinct molecular construct, with a
hydrophilic (water-loving) polar end and a hydrophobic (water-fearing; or lipophilic:
fat-loving) non-polar end, these molecules are also categorized as amphiphiles (loving
both water and fat).[6]
Head Groups of Phospholipids
Based on the head group moiety attached to the glycerol, properties such as shape,
hydrophilicity, packing, etc. varies significantly. Figure 1.1(c) shows 6 different
phospholipids with identical tail groups (1,2-dipalmitoyl-) but distinct head groups
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Figure 1.1: (a) Basic structure of Glycerophospholipids. (b) Chemical structure of
DPPC molecule. (c) Schematic and chemical structure of phospholipids showing two
distinct regions: hydrophilic head in blue box and hydrophobic tails in orange box.
All lipids possess same 1,2-dipalmitoyl (DP) tail groups with different head groups:
phosphatidylcholine (PC), phosphatidylethanolamine (PE), phosphatidylglycerol
(PG), phosphatidylserine (PS), phosphatidylinositol (PI) and phosphatidic acid (PA).
that are commonly found in cell membranes. These head groups are named, phos-
phatidylcholine (PC), phosphatidylethanolamine (PE), phosphatidylglycerol (PG),
phosphatidylserine (PS), phosphatidylinositol (PI) and phosphatidic acid (PA). While
all head groups are negatively charged, PC and PE also possess positively charged
amine, making them zwitterionic.
Tail Groups of Phospholipids
Tail groups of phospholipids can be made up of a wide range of non-polar chains that
vary in length and complexity. Figure 1.2 shows few examples of different tail groups
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Figure 1.2: Chemical structure of phospholipids with identical head groups made
up of phosphatidylcholine (PC) and distinct tail groups; DLPC (12C fatty acid
chain), DPPC (16C fatty acid chain), DPhPC (12C fatty acid chain with 4-methyl
groups attached to each tails), POPC (tail groups of different lengths: 16C & 18C,
monounsaturated in 18C chain), DOPC (18C chains with 1 double-bond in each tail
group), and 18C polyunsaturated tail groups.
(with identical head groups) found in membrane phospholipids. The length of lipid
molecule varies based on the number of carbons present in the fatty acid. Fatty acid
chains with 12C to 18C are commonly found in cell membranes. In general, lipids
with longer fatty acid chains are found to have higher transition temperature.[7]
These fatty acid groups can either be unbranched or branched with methyl groups.
Fatty acid chains can also be saturated or unsaturated i.e., absence and presence
of C-C double-bond in the chain groups, respectively. Based on the number of
chains that possess unsaturations and the number of unsaturations in each chain,
phospholipids are further classified as saturated, monounsaturated, diunsaturated
and polyunsaturated phospholipids.
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Shapes of Phospholipids
The innate shape of a phospholipid is determined based on the volume and shape
of head group and tail group moieties attached to the glycerol backbone. For
instance, inositol occupies more volume when compared to a simple phosphate
and choline group, and thus, makes PI’s has a larger head group than PA’s and
PC’s. Similarly, number of tail groups, and their lengths, saturation level, and
presence/absence of branches are found to affect the volume occupied by the tail
groups. Presence of branches and unsaturations in the fatty acid chains increases
the volume occupied by the lipid. Thus, the shape of the lipid molecule as a
whole is defined by the combination of head and tail group sizes, and they broadly
fall under three different shapes as shown in Figure 1.3(a-c). A lipid with a
single fatty acid chain (e.g. lysophospholipid) and/or a large head group (e.g.
polyphosphoinositide) are known to take an inverse conical shape. Conversely, a
conical shape is realized by the lipids which have smaller head group than the tail
groups (e.g. phosphatidylethanolamines and phosphatidic acid). Lastly, lipids which
has comparably sized head group and tail groups occupy a cylindrical shape (e.g.
phosphatidylcholines and phosphatidylserines).[8, 9]
1.1.2 Self-Assembly and Langmuir Monolayers
Because of the amphiphilic nature of phospholipid molecules, when mixed in solutions
at a concentration above a threshold (critical micelle concentration, CMC), they
self-assemble to form aggregates with well-defined structures. Figure 1.3(d-f) shows
self-assembled structures that are spontaneously formed by lipids when placed in
polar and non-polar solvents. In an aqueous solution to minimize the contact of
non-polar hydrophobic tail groups with the polar water molecules, thus resulting in
self-assembled structures such as micelles and vesicles (Figure 1.3(d & e)).[10–12]
When placed in non-polar solvents such as alkanes, soybean oil, lipids self-assemble
to form inverse micelles.[13–15] The type of self-assembled structure is determined
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Figure 1.3: 3D structures showing different shapes of lipids (a-c) and their
corresponding self-assembled structures (d-f). In solutions, conical shaped
lysophospholipids self-assemble to form micelle structures, cylindrical shaped phos-
phatidylcholines form a bilayer and inverse conical shaped phosphatidylethanolamines
form an inverse micelle.
by the factors including innate shape of lipids, temperature, hydrophile-lipophile
balance (HLB), types of solvent and solutes.[10, 13] More interesting and useful self-
assembly phenomena are found to take place when both polar and non-polar solvents
are brought into the picture.[16–18]
Lipid molecules self-assemble at an air-water as well as oil-water interface to form
a monolayer. Such monomolecular layer consisting of one or more types of surface
active molecule at a liquid-air, liquid-liquid interface is known as Langmuir monolayer,
named after Irving Langmuir. Like surfactants, lipids self-assembled at an air-water
or oil-water interface reduces the surface tension of the interface.[19, 20] For instance,
a pristine air-water interface has a surface tension of 72 mN/m at room temperature.
When a phospholipid monolayer is spread at the same air-water interface, the tension
can be reduced to <20 mN/m.[21, 22] A more drastic change is noticed at an oil-water
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interface; the interfacial tension can be found to decrease from 44 mN/m to <2 mN/m
with the addition of lipid monolayer.[23] The extent to which the surface/interfacial
tension is reduced is determined largely by the packing density of the monolayer: in
general, tighter packing leads to lower tension.[24]
This 2D coverage of amphiphilic biomolecules and the resulting reduction in
tension are found to play vital roles in the nominal survival of individual cells to
an entire organism. Lipid droplets that store fatty acids in the form of neutral
lipids thereby protecting cells from lipotoxicity are covered with phospholipids
monolayer that prevents it from fusing with nearby lipid droplets and other cellular
organelles.[25] Lipid monolayer is found to play an essential role in the human
respiratory system as well; the outer most layer of the lungs is covered with a highly
regulated monolayer of lipids and pulmonary surfactant proteins to maintain low
tension at the air-alveoli interface.[19]
1.1.3 Langmuir Compression Isotherm and Phases of Lipid
Monolayer
Langmuir-Blodgett trough is a century old laboratory apparatus that is used to study
the behavior of a monolayer that is spread on an air-water interface. The apparatus
accurately measures the surface tension of the interface (using a Wilhelmy plate and
an electrobalance) while laterally compressing the monolayer that is spread on the
surface. With the knowledge of the number of surfactant molecules present in the
monolayer (surface number density) and the surface pressure (Π = γ0 − γ; γ0 is the
surface tension of pristine interface while γ is the surface tension with monolayer) of
the interface, the area occupied by a single surfactant molecule can be estimated at
varying extents of compression.[26] The results obtained from LB trough are often
times plotted as surface pressure-area (Π-A) isotherm that reveals the 2D physical
state of monolayer.
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Figure 1.4: Surface pressure-area isotherm for a typical lipid monolayer showing
various phases: gaseous, liquid-expanded (LE), liquid-condensed (LC), and solid.
LC-LE marks LE and LC coexistence. Inset shows a schematic of a LB trough.
When a lipid monolayer that is spread on an air-water interface is dynamically
compressed, the monolayer goes through various phases, namely: gaseous, liquid-
expanded (LE), liquid-condensed (LC), and solid. In Figure 1.4, initially, the surface
pressure is considered zero when no lipid is spread at the interface (IFT equals γ0).
As the lipid molecules are spread at a clean interface, the area occupied each lipid
molecule is at its highest. As the barriers begin to move inward, the area occupied
by the film decreases; reducing area available for each lipid changes the phase of
lipid monolayer from gaseous (no interaction between neighboring lipid molecules)
to LE/LC phase (lipids are close enough to interact with one another). As the
monolayer is compressed further, the monolayer reaches a maximum packing state
(a solid phase), beyond which, further compression will lead to collapse or buckling
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of monolayer and exclusion of lipids in the subphase.[27] This phase is indicated
by the maximum achievable surface pressure for the monolayer and is often called as
the collapse or buckling pressure. Varying the composition, temperature and even the
rate of compression is reported to have significant effects on this compression isotherm
plots.[28–31] LB troughs are also being used in conjunction with optical techniques
such as Brewster Angle Measurement (BAM), fluorescence correlation spectroscopy
(FCS) and fluorescence recovery after photobleaching (FRAP) to study the diffusion
behavior of lipids and other biomolecules in a monolayer at various compression states
and temperatures.[32–36]
Monolayer Phase and Biology
In biology, the phase in which the monolayer exists is known to have drastic impact
on its functional behavior, and therefore its composition is tightly regulated. For
instance, the composition and the phase of lipid monolayer that forms the inner
wall of lungs is found to play crucial roles in preventing the lungs from collapsing
during our regular respiratory cycles.[28] Extensive body of literature can be found
to utilize LB trough to characterize the dynamic behavior (changing packing density,
lateral compression, reduction in tension, phase, etc.) of lung surfactant.[19, 28, 29,
37] Protein binding and insertion activity are found to be highly dependent on the
packing density of lipids in the monolayer of lung alveoli and lipid droplets.[38–41]
Such packing density dependent protein binding, insertion and activity are also seen
at the plasma membrane and membranes of endoplasmic reticulum, lipid droplets.
The innate shape of lipid is found to have an impact on the monolayer self-assembly
too, which then alters different interfacial properties associated with it.[42, 43]
Despite the structural differences, understanding the behavior of lipid monolayer
is also found to be useful in answering numerous questions regarding lipid bilayers.
Because of the simplicity and usefulness of this experiment, monolayers (a half-bilayer)
are often studied to understand the packing properties, lateral compressibility and
behavior of a lipid bilayer. Especially, above a threshold surface pressure known as
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bilayer-monolayer equivalence pressure (>40 mN/m), the monolayer spread on air-
water interface is considered a close model to study lipid bilayers.[26]
1.1.4 Lipid Bilayer
As the name suggests, lipid bilayer is made up of two sheets of lipid monolayer held
together by hydrophobic interactions between the tail groups.[44] Cells and several
cell organelles such as mitochondria, endoplasmic reticulum, lysosomes, etc. are
surrounded by a lipid bilayer membrane. In these membranes, lipids, along with
other biomolecules such as cholesterol, carbohydrates and transmembrane proteins,
acts as a functional unit that performs various tasks pertaining to the cell or organelle
that it encompasses.[45] Figure 1.5 shows a graphical illustration of a cell membrane
reproduced from a recently published article.[1] These 5-10 nm thick membranes, due
to the hydrophobic region formed in between the two leaflets, act as a semipermeable
barrier that is essential for nominal survival and functioning of a living cell; the highly
regulated composition and structural makeup determines the chemical species that
can be passively or actively transported across the membrane to support various
cellular activities such as ingestion, excretion, communication, etc. In addition,
various toxins and drugs are targeted to specific cell types based on the types of
biomolecules that are expressed on these membranes.[46] For these reasons, lipid
bilayers in live cells have been studied in detail for nearly a century.
Lipid Composition of bilayers
Cell membranes are made up of numerous different types of lipids that vary in size,
shape, charge, etc.[47] Figure 1.6 shows the proportions of different lipids found in
plasma membrane of E. coli, Sindbis virus, and membranes of rat liver endoplasmic
reticulum and mitochondria. Phosphatidylethanolamines (PE) is the chief component
of E. coli plasma membranes with nearly no phosphatidylcholines (PC) or cholesterol.
On the other hand, PCs are a major component of eukaryotic membranes. Figure
10
Figure 1.5: Cartoon of a lipid bilayer membrane reproduced from Escriba´ et al.[1].
Illustration shows different lipid types in different colors organized into microscopic
domains with some domains carrying integral membrane proteins.
1.6(d) signifies the difference in membrane composition between the two leaflets of
the same membrane. The outer leaflet of the mitochondrial membrane of rat liver
cells is reported to have higher proportion of PCs and PIs when compared to the
inner leaflet. Such differences in composition between the two leaflets of the same
membrane is due to the differences in packing density caused by the curvature of the
membrane.[2]
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Figure 1.6: Lipid composition of biological membranes. Note: Charts represent the
proportions of various lipids and not the spatial distribution in the membrane. Refer
to Appendix (Table A1) for references and percentages; data taken from Yeagle et
al.[2]
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percentages; data taken from Vance et al.[3]
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Figure 1.8: Double-bond composition of phospholipids in membranes. Data taken
from Vance et al.[3]
As discussed in an earlier section, tail groups of lipids found in membranes can
vary significantly. Figure 1.7 shows the proportions of different fatty acid chains
present in human red blood cells. The tail groups can vary in both fatty acid chain
length (16-carbon to 24-carbon) and number of double-bonds in each chain (0 to 5
double-bonds per chain). Figure 1.7(a) indicates that majority of tail groups has 16,
18 or 20 carbons with fewer number of phospholipids with larger (20-24C) chains.
Figure 1.7(b) presents the chain length and unsaturation distribution for 3 major
lipids types (SPM, PC and PE) found in human RBCs.[3] The presence of double-
bonds brings a specific set of physical attributes to a membrane and thus, its role in
nominal functioning of membrane cannot be ignored. Figure 1.8 shows the average
number of double-bonds found per phospholipid in the membranes of different cells
and cellular organelles.
Lipid Bilayer Properties
The composition of membranes determines its biophysically significant structural
and functional properties. Each of the lipids mentioned above play unique roles
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in regulating crucial properties of the membrane. Changing the lipid composition of
these membranes can bring about changes in a variety of its properties. Membranes
composed of lipids with saturated fatty acid chains are less fluidic due to the high
van der Waals interaction between neighboring tail groups. On the other hand,
presence of lipids with unsaturated fatty acid chains creates defects in the packing
and decreases the tail-tail interaction between neighboring molecules and therefore,
increases the membrane fluidity of the membrane. Membranes with high amount
of unsaturated fatty acid chains remain fluid at lower temperatures when compared
to that of saturated lipids. In animals, the membrane fluidity of a membrane is
determined by the ratio between saturated and unsaturated lipids as well as by the
amount of cholesterol, which increases the ordering and helps keep the membrane fluid
at low temperatures while stabilizing the membrane at high temperatures.[48] This
lateral packing-dependent physical property of the membrane is known to directly
affect its permeability.[42, 49]
Similar to phases of lipid monolayer discussed in section 1.1.3, lipid bilayers too
have distinct phases with significantly different properties. Based on temperature, a
lipid bilayer can exist in one of two phases: gel phase at temperatures below and liquid
phase at temperatures above the transition temperature (Tm) of the lipid.[50] In its
gel phase (T<Tm), the lipids are highly ordered and are tightly-packed where the
lipids are spatially constrained and their lateral diffusivity is found to be minimum.[51]
As the temperature is increased, the bilayer transitions from a gel phase to a liquid
phase, where the lipids can diffuse more freely (spatially less constrained) in the
same leaflet or flip-flop between opposing leaflets of the bilayer. Various laboratory
techniques such as Differential scanning calorimetry (DSC),[52, 53] Nuclear magnetic
resonance (NMR),[54] X-ray [55, 56] and other techniques[57] have been used to
characterize this temperature dependent behavior of lipid bilayers. Over the last
few decades, these techniques have been used to precisely determine the transition
temperatures of nearly all lipids. Other techniques such as TIRF, FCS and FRAP
have been used to measure the diffusion coefficient of lipids in different phases. Such
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techniques reveal that lateral diffusion of lipids in a gel phase is measured to be
10−11 cm2/s whereas 10−8 cm2/s for liquid phase.[51] This seemingly insignificant
and microscopic, in-plane diffusion of lipid molecules play a huge role in dynamic
lateral organization of lipids in cell membrane and are necessary for the formation
microdomains called lipid rafts, which are often the binding sites for proteins and
viruses.[58, 59]
While the presence of a lipid-based membrane was confirmed in 19th century, the
structural make-up was confirmed by H. Fricke only in 1924. An abundant body of
literature exists as a result of numerous researchers attempting to understand various
different aspects of lipid bilayers for nearly a century.[46] However, we are yet to come
to a complete understanding of the behavior of lipid bilayers and the various roles
each biomolecule play in various aspects of a living cell. Scientists are still uncovering
new information with the usage of advanced and more powerful scientific methods and
tools that are made available by advancements in engineering. Among these scientific
methods that can be used to understand the behavior of lipid bilayer is usage of an
artificially assembled mimic of lipid bilayers called model membranes.
1.1.5 Model Membranes
Lipid bilayers, along with several other biomolecules, perform a variety of important
functions in each and every cell. Replicating lipid bilayer structures in laboratory
would allow researchers to investigate deeper into the various processes individually
and collectively, with higher degrees of freedom in terms of controlling the relevant
composition and conditions. Such structures that are created using laboratory
techniques in order to structurally and functionally mimic the lipid bilayers found
in living cells using natural or synthetic lipids are called model membranes. Table
1.1 lists some of the commonly used techniques to assemble model membranes that
are either planar (e.g. black lipid membranes; BLMs) or non-planar (e.g. giant
unilamellar vesicles; GUVs). Schematics of these model membranes are shown in
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Figure 1.9. Each of these techniques has its own set of advantages and disadvantages.
For instance, while GUVs are suitable for high resolution microscopy and calorimetric
techniques, they do not offer easy control on altering lipid or aqueous volume
compositions.[60, 61] Liposomes - a spherical lipid bilayer with an enclosed aqueous
volume, are being used both in research as well as in clinical applications as a drug
carrier.[62]
Planar bilayers such as BLMs, on the other hand, are highly convenient for
performing electrophysiological experiments that are typically tedious to perform
on a live cell.[63, 64] One of the earliest techniques to assemble planar membranes
involved painting a lipid containing oil solution across a pore formed in a hydrophobic
partition (often made of Teflon) placed between two aqueous volumes.[65] A bilayer
is formed spanning this pore as the oil gets spontaneously excluded to bring the
opposing monolayers closer. This half-a-century old technique first demonstrated
by Mueller is commonly referred to as "painted" bilayers or black lipid membranes
(BLM) because of its dark visual appearance in reflected light. A modified method
to assemble a BLM involves "folding" two monolayers that were pre-assembled at
an air-water interface.[66] Over the last few decades, several modified experimental
setups and methods have been proposed by researchers to broaden the application of
BLMs in various fields.[67]
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Table 1.1: Techniques to assemble model membranes
Technique Procedure Type Electrophys.
Optical 
Access Asymmetry
Notable 
Advantages Disadvantages
Liposome Extrusion or 
sonication
Non-
planar
No No Yes; 
Difficult.
Easy to prepare.
High stability.
Too small for 
microscopy
Giant 
unilamellar
vesicle (GUV)
Electroformation, 
centrifugation, or 
jetting through 
BLM
Non-
planar
No Yes Yes. 
Difficult. 
High biological 
relevance. 
Fragile,
tedious 
procedure.
Black lipid
membrane 
(BLM)
Painting/folding Planar Yes No Yes Asymmetric
bilayers
Limited life time 
(<1 hour), 
residual solvent
Solid 
supported 
lipid bilayer 
(SSLB)
Langmuir-Blodgett 
technique/vesicle
fusion
Planar No Yes Yes High stability
and life time
Substrate affects 
diffusion 
properties of 
bilayer
Droplet 
interface 
bilayer (DIB)
Connecting lipid-
coated aqueous 
droplets under a 
suitable solvent
Planar Yes No Yes Simple setup, 
scalability, 
ability to form 
networks
Not ideal for 
optical 
techniques, 
residual solvent
Solid supported LBGUVLiposome BLM
50 – 1000 nm >1 µm 
Figure 1.9: (a) Schematic illustration of model membranes: (a) liposome, (b) giant
unilamellar vesicle (GUV), (c) black lipid membrane (BLM)formed across a pore, and
(d) solid supported lipid bilayer (SSLB).
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Solid supported lipid bilayer (SSLBs) is another type of planar bilayer that are
typically formed on solid supports such as glass, mica, silicon wafer, etc.[68, 69]
SSLBs are widely useful as they offer highly stable bilayers that can be patterned
on solid substrates. Another compelling advantage of SSLBs, over vertical BLMs is
the ability to visualize and perform high resolution optical microscopic techniques
such as single-particle tracking, total internal reflection fluorescence (TIRF), Förster
resonance energy transfer (FRET), fluorescence correlation spectroscopy (FCS).[69,
70] Such optical techniques performed on model membranes have revealed several
useful information regarding the physical state and behavior of lipid bilayers under
different conditions. However, studies have shown that behavior of lipids and other
biomolecules in SSLBs can be altered by the solid support that is in direct or indirect
contact with one leaflet of the bilayer.[71–75]
An alternate technique to achieve a planar bilayer free of direct solid support is
called suspended lipid bilayers (SLB). Similar to BLMs, suspended bilayers are formed
across a pore in a hydrophobic material. The difference between BLMs and suspended
being the orientation of the bilayer: suspended bilayers are perpendicular to the
direction of view from an inverse microscope while BLMs are parallel to the direction
of view. Several different designs and methods to assemble suspended bilayers have
been demonstrated.[76, 77] Many of these designs include electrodes embedded in the
substrates, thus allowing for simultaneous electrical and optical probing of BLMs
that enables the in vitro study of functional properties of biomolecules such as
gating responses of ion channels while visualizing the bilayer.[4, 77, 78] Advances
in microfabrication and microfluidic techniques have enabled automated formation
of arrays of BLMs on a single substrate, thereby increasing the throughput of
experiments performed.[79, 80]
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Lipid Monolayer
Droplet Interface Bilayer
Lipid-in
Lipid-out
(A)
(B)
(C) (D)
Figure 1.10: Schematic illustration of DIB formation procedure. (A) and (B) shows
lipid-in (lipids placed in water) and lipid-out (lipids placed in organic solvent) methods
to form monolayers on aqueous droplets (C). After incubating for appropriate time
period, droplets are brought into contact to form a DIB (D).
1.2 Background and Literature Review
1.2.1 Droplet Interface Bilayers (DIB)
The droplet interface bilayer (DIB) is one of the newer techniques employed to
construct planar lipid bilayers between two aqueous droplets (see Figure 1.10).[81, 82]
When two or more lipid-coated water droplets are brought into contact under a
suitable organic solvent, droplets spontaneously adhere to one another (instead of
coalescing) to form a DIB. This adhesion process is driven by the interaction between
the two opposing monolayers and the exclusion of solvent from the space between
them. The energy of adhesion can be estimated by calculating the reduction in Gibbs
free energy given by ∆F = 2γm(cosθ − 1), where θ is the contact angle between the
droplets (see Figure 2.4) and γm is the monolayer tension. These DIBs are found
to be stable for hours to days.[83, 84] The presence of aqueous solutions on either
side of the DIB allows for easy electrical access and enables electrical interrogation of
proteins and peptides.
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Since its innovation in 2006, DIB has been the basis for several innovative
biomolecular material systems. Engineered applications of single- and multi-
membrane DIB networks range from the development of electrical rectifier circuits,[85]
energy conversion platforms,[86] 3D-printed tissues capable of mechanical actuation,[87]
bioinspired sensors,[88] and for use in the study of selective transport of ions
and molecules (see Figure 1.11).[89] A light sensing DIB network was also been
demonstrated by using the light sensitive channel, bacteriorhodopsin.[86] The DIB
platform has also been implemented for studying the electro-physical activation and
characterization of various transmembrane peptides and proteins such as alamethicin
and α-hemolysin.[90, 91] Recently, mechanical[92] and chemical activation[93] of MscL
channels from E. coli were demonstrated by two independent groups using the DIB
platform. These applications highlight several advantages of DIBs, including their
easy assembly and rearrangement, the ability to control both droplet and bilayer
compositions, and a wide-range working temperature.[94] Another unique advantage
of the DIB technique is its scalability in number and scale: while a single DIB can
be assembled between two droplets, multiple DIBs can be formed by connecting
additional droplets in 2 and 3 dimensions to form complex networks.[95] DIBs can
also be formed across a wide range of length scales, between droplets of micron-
to millimeter-size; DIBs formed between droplets size ranging femtoliters to several
microliters have been demonstrated by several researchers.[83, 96] Application of
digital microfluidics to create multiple DIBs are also being heavily explored to
maximize the throughput of experiments conducted using these bilayers.[97–100]
1.2.2 Monolayer formation: "Lipid-in" vs "Lipid-out"
A DIB is formed by connecting two lipid monolayer-coated aqueous droplets placed
under a suitable oil. This technique hinges on the ability of lipids to spontaneously
self-assemble to form a "well-packed" monolayer at an oil-water interface, as
absence of or failure to achieve suitable monolayers will lead to droplet coalescence.
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(a) (b) (c)
(d) (e) (f)
Figure 1.11: A simple schematic (a), select few applications of DIB (b-e) and usage
of digital microfluidics to form multiple DIBs (f). Images reproduced from previously
published works. Refer text for appropriate citations.
Monolayers can be formed using two different approaches, known as "lipid-in" and
"lipid-out", that differ in the placement of phospholipids in the multiphase system (see
Figure 1.10(a & b)). Phospholipids are incorporated as liposomes into the aqueous
droplets in the lipid-in approach, while, in the lipid-out technique, phospholipids are
dispersed in the external oil phase in the form of inverse micelles. Both approaches
seek to provide suitable conditions for assembling a lipid monolayer upon the diffusion
and adsorption of lipids to the oil-water interface,[101, 102] yet each has specific
advantages in assembling planar lipid bilayers. For instance, asymmetric lipid bilayers
with different lipid compositions in each leaflet of the bilayer can be formed with
lipid-in technique, but not with lipid-out technique in which a common lipid mixture
is present in the oil surrounding all droplets.[82] On the other hand, the lipid-out
technique offers simpler preparation of lipid solution since dispersing lipids in oil
avoids the need for freeze-thaw, extrusion, or sonication steps necessary for liposome
preparation. Also, a wider range of phospholipid types are known to dissolve in
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alkanes than form liposomes, making the lipid-out technique amenable to more types
of membranes, including complex mixtures.[24, 94, 101] Recent reports show that
incorporation of saturated lipids into the oil phase allows for sufficient monolayer
formation at room temperature, whereas it is required to heat droplets containing
liposomes with the same lipid to a temperature above the gel-liquid phase transition
of the saturated lipid to enable sufficient assembly.[24] The lipid-out method also helps
to maintain a lipid-free environment within the aqueous droplets that can be used to
eliminate lipid and protein exchange between liposomes and interfacial bilayers and
permit a wider range of chemical species in the droplet that may otherwise degrade
liposomes.
From a bilayer formation standpoint, there are other differences. For certain lipids
such as DPhPC, Lipid-in aqueous droplets (200-500 nl) can be routinely connected
within 5 minutes of placing them in the oil,[84, 94] unlike the lipid-out technique, in
which 30 minutes or more is often required before the droplets can be brought into
contact (see Table 1.2).[84, 103, 104] This time required between placing the aqueous
droplets in oil and bringing them into contact during which the lipid monolayer
assembles is called the incubation time. Insufficient incubation time, i.e. connecting
droplets too soon, leads to droplet coalescence instead of bilayer formation. Especially
in attempts to form DIBs with lipid-out technique that requires a longer incubation
time, droplets tend to fail more often than to form a bilayer. In some cases, such as
DPhPC placed in hexadecane (DPhPC/Hexadecane), the success rate of forming a
DIB can be as low as 5%. This undesired behavior was attributed to a lack of "well-
packed" monolayer. While other factors such as contaminents, mainly detergents,
that maybe found in surrounding oil or aqueous droplets, degraded lipids, unclean
or sticky substrates may all lead to droplet coalescence, the lower success rate of
lipid-out DIBs was often attributed to poor and/or slow monolayer formation.
The self-assembly kinetics or the differences in phospholipid packing in the
monolayer achieved from the lipid-in and lipid-out approaches have never been
quantitatively characterized to identify why lipid-out approach is slower and less
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Table 1.2: Key differences between lipid-in and lipid-out approach
Property Lipid-in Lipid-out
So
lu
tio
n
Number of lipids that can be used Low High
Solution preparation Tedious Simple
Using saturated lipids May require heating Heating not required
Lipid-protein interaction High Low
Bi
la
ye
r
Incubation time required Low (3-5min) High (10-20min)
DIB formation success rate High Low
Bilayer stability High Low
Electrical resistance and workable
voltage range (rupture potential) High Low
Bilayer asymmetry Possible Not possible
effective in promoting lipid organization than lipid-in approach. Abundant literature
is available on stabilization of oil-in-water emulsion focusing on time required for
self-assembly of surfactants such as sodium bis (2-ethylhexyl) sulfosuccinate (AOT)
and sodium dodecyl sulfate (SDS) to reach a level of packing density that averts
droplet fusion.[20, 105, 106] Few studies focusing on the interfacial self-assembly of
natural surfactants has also been published.[107, 108] Several works focusing on the
spreading kinetics of liposomes to form a monolayer at air-water interface are found
in the literature. [109–112] These studies focus on determining the factors affecting
the rate at which monolayer forms and have theorized possible mechanisms in which
lipids from bulk adsorb to form a monolayer. Lipid packing in a monolayer formed
at an oil-water interface has been explored by few researchers. [113–115] However,
very few studies have been performed in regards to water-in-oil emulsions focusing
specifically on the kinetics of phospholipid self-assembly for DIB formation.[116]
1.2.3 Membrane Composition in DIBs
As discussed in section 1.1.4, native cell membranes are made up of several types of
lipids that vary in head group, tail group, number of unsaturations, charge, etc. The
structural and functional properties of membrane-associated proteins and peptides
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can differ based on the nature of lipids that is surrounding them. For example,
lipid head group’s charge is known to significantly affect the insertion of pHLIP’s
(pH low insertion peptide) into a model membrane.[117] While the significance of
lipid composition influencing membrane-associated biomolecules are undeniable, DIB
model membranes formed thus far, to a large extent, fail to represent the compositions
and heterogeneity of natural lipids. Specifically, we observe that most DIB studies
have only focused on the use of 1 lipid type. As identified by Taylor and Sarles,
DPhPC - a lipid native to archaeal organisms, has predominantly been the lipid
of choice for DIB research.[94] This noticeably high interest towards DPhPC-based
DIB arise from the fact that DPhPC lipids quickly self-assemble to form well-packed
monolayers and produce highly resistive and stable bilayers with high success rates.
The prevalence of using DPhPC versus other lipids (e.g. DOPC) in DIBs studies
thus far may in fact point to difficulties in being able to obtain stable membranes
from these types of lipids. Lack of published works using these lipids and experiments
in our own lab support this hypothesis; we find that it is very difficult to assemble
DIBs from unsaturated lipids such as DOPC and POPC. Recent advances in DIB
platform has attempted to utilize E-coli and brain total lipid extracts, which are
composed of both saturated and unsaturated lipids of varying lengths, to form
stable bilayers by employing heat to induce monolayer formation.[94] Other efforts
to form DIBs with unsaturated lipids involve creating lipid blends with different
proportions of DPhPC.[104, 118, 119] Few other works have demonstrated the usage
of surfactants such as SPAN80 and SDS to assemble and stabilize the bilayer formed
with unsaturated lipids which typically fail to form DIBs.[120, 121] Nevertheless,
formation of DIBs with pure unsaturated lipids, such as DOPC and POPC, that are
highly relevant to eukaryotic cell membranes has been poorly explored.
25
1.2.4 Durability and Portability
Due to the fragile nature of synthetic lipid bilayers, DIB platform has largely been
limited to laboratory usage. Researchers have made efforts to make DIBs more
durable and portable by modifying the procedure, solution or bilayer composition, and
substrate design. Jeong et al. demonstrated that mixing emulsion stabilizers such as
SPAN 80 increases the bilayer stability.[120] While this approach was proven to form
DIBs without affecting the functionality, the mechanical durability and portability of
the bilayer is not improved. One of the first attempts to improve portability of DIB
includes freezing the precursors (aqueous droplets placed in non-polar solvents) until
use.[122, 123] This allows the DIB precursors to be stored for extended period of time
and even to be transported. However, this approach does not allow portability after
the bilayer is formed. Other attempts include modifying the substrate that holds
the DIB assembly. Kawano et al. used a portable patch clamp amplifier (Tecella)
along with an open-style droplet chambers with porous, parylene film separations to
assemble DIBs in an outdoor environment. While they successfully demonstrated
portability of the substrate and its ancillary system, the system cannot be moved
after the bilayer is formed.[83] Sarles et al. fabricated a PMMA/PDMS embodiment
with integrated electrodes that can hold a DIB. This method successfully improved
the durability and portability of the bilayer assembly and allowed the users to move,
shake and invert the substrate without rupturing the bilayer.[124] However, this design
does not permit easy reconfiguration of droplet assembly after enclosing the content.
Another successful demonstration of improving bilayer portability includes usage of
hydrogels in place of aqueous droplets.[125] This system is qualitatively reported to
have an improved durability and longevity; however, usage of hydrogel is known to
affect diffusion behavior of biomolecules in the bilayer.[71, 72]
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1.2.5 Horizontally-oriented Lipid Bilayers
High-resolution optical techniques such as FCS, TIRF and FRAP have been used
extensively to study the biophysical properties of lipids and proteins in monolayers
and bilayers. These techniques have been used to quantify various biologically relevant
properties such as lateral diffusion, domain formation, and lipid-protein interaction
using model membranes.[32–36, 126, 127] Several groups have demonstrated the
usage of model membrane platforms that allow simultaneous recording of electrical
and optical measurements.[4, 77, 78] Such platforms provide great advantage of
simultaneously probing model membranes to obtain better understanding of pore
forming proteins and peptides. However, usage of these high resolution optical
techniques that use high magnification objective lenses reduces the working distances
down to 100-200 µm (see Figure 1.12(a)).[128] That is, the model membrane must be
positioned within 100-200 µm from the objective.
Because of the low working distance restriction posed by high-resolution mi-
croscopy, solid supported lipid bilayers (SSLBs) - a technique in which artificial lipid
bilayers are placed within few 100 nm from the surface of substrate (as shown in Figure
1.9), are found to be the most suitable technique to assemble model membranes within
this range.[69, 70, 129] Numerous works have been published over the last few decades
demonstrating the applicability of SSLBs to study molecular level behaviors.[70]
However, as one leaflet of the bilayer is in direct or indirectly (in case of tethered
lipid bilayers) contact with a solid support, the behavior of lipids and other molecules
are found to deviate significantly from that of live cells. Particularly, the lateral and
transverse diffusion of lipids are greatly affected by the direct physical contact posed
by solid surfaces used in SSLBs.[71–75]
Droplet hydrogel bilayer (DHB), a modified DIB technique in which an aqueous
droplet with a lipid monolayer is connected to a thin layer of lipid monolayer-
coated planar hydrogel that is spread on a glass surface, is another technique
that is suitable for high-resolution microscopy (see Figure 1.12(c)).[130] Similar to
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Working distance:
100-200µm
(a)
(b) (c)
Figure 1.12: (a) Schematic showing a lipid bilayer placed within the short working
distance offered by high-resolution microscopes. (b) One of the few existing methods
to form horizontal bilayers within this working distance. Image reproduced from
Bartsch et al.[4] (c) Droplet hydrogel bilayer (DHB) - image reproduced from Gross
et al.[5]
DIB, DHB provides electrical access, simple experimental setup and procedure, easy
reconfiguration (droplet composition, bilayer area, etc.) and ability to form networks.
This capability has enabled researchers to accurately measure specific capacitance of
bilayer[131] and application of high resolution optical techniques to simultaneously
track electrical and optical behavior of single protein pore activities, and to directly
measure diffusion coefficients of lipids and proteins in the bilayer has also been
performed.[130, 132] However, similar to SSLBs, effect of underlying hydrogel on
the properties of bilayer cannot be ignored.
Unlike SSLB and DHB, SLB technique forms a planar bilayer that spans across a
microscopic pore without using a direct support that affects the diffusion properties
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of the bilayer. When such a bilayer is oriented horizontally and positioned within
the working distance, they form the ideal model membranes for high resolution
microscopic studies. Various different designs have been proposed to assemble
horizontal BLMs that are suspended using hydrophobic supports made up of Teflon,
Parylene, plastics and other materials.[4, 77, 133–136] Microfabrication techniques
have also been used to develop scaffolds with microscopic wells or nano-pores across
which spans the model membrane.[76, 137–141] Lipid bilayers formed using these
microfabricated chips have been found effective for using high-res. microscopic
techniques such as FRET and other single particle tracking techniques.[142, 143]
Simultaneous optical and electrical measurements have also been enabled using these
microfabricated chips (see Figure 1.12(b)).[4, 137, 142] However, the major drawback
with these devices is the tedious, and often, expensive fabrication procedure required
to develop the chips. In addition, such complex fabrication process makes it hard
to iterate on scaffold designs and dimensions. Thus, an easy-to-fabricate approach
that enables the assembly of horizontally-oriented lipid bilayers within short-working
distance is still needed in model membrane community.
1.3 Vision
Model membrane systems have been an eminent tool both for understanding
biophysical behavior of biomolecules as well as for the development of novel
membrane-based smart materials. Specifically, the attractive properties of DIBs
such as scalability, high longevity and their ability to form networks and to be
used for electrophysiological measurements have motivated several researchers to
utilize this platform in the development of new types of multifunctional, membrane-
based materials that employ the functionalities of a wide range of membrane-bound
biomolecules for applications such as sensing, energy conversion, information and
energy storage, monitor response and actuation. Therefore, this work aims to advance
DIB platform by better understanding the fabrication process and by developing
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novel methods to improve the quality of bilayers formed. Additional works performed
towards fabricating new types of suspended lipid bilayers are also discussed here.
1.4 Scientific Gaps, Objectives and Research Plan
1.4.1 Scientific Gaps
The literature review provided above identifies several significant scientific gaps:
Gap 1: There is a lack of explanation for why lipid-in technique leads to higher
DIB formation success rate than lipid-out. In addition, there is a lack of quantitative
understanding of differences in self-assembly kinetics between lipid-in and lipid-out
technique used for monolayer formation. Shedding light on kinetics of lipid monolayer
formation and spatial organization of lipids in monolayer could provide answers to
anecdotal observations regarding lipid placement and incubation time, and insights
to improve DIB formation success rates.
Gap 2: There is a lack of quantitative explanation for why monolayers formed with
unsaturated lipids are not suitable for DIB formation. Understanding the spatial
organization of lipids at OW interface will help develop methods to enable DIB
formation with a wider range of lipids.
Gap 3: Conventional DIBs are formed with two immiscible liquid phases placed
in an open substrate, consequently making it prone to spillage, contamination and
requires delicate handling with very limited portability. Thus, a convenient and
robust DIB platform with an significantly improved durability and portability without
compromising the basic functionalities of a lipid bilayer is still needed.
Gap 4: Currently existing methods to form horizontally-oriented suspended lipid
bilayer suitable for high resolution microscopy is either tedious to fabricate or do not
accurately represent membranes of living cells. Therefore, there is a need for a new
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platform that will enable formation of horizontally-oriented lipid bilayers within the
short 100-200 µm working distance of high-resolution microscope objectives.
1.4.2 Research Objectives
The following objectives attempts to address the scientific gaps mentioned above:
Objective 1 (addressing Gap 1 & 2 ). Use dynamic interfacial tension measurements
to understand the differences in self-assembly kinetics and organization of phospho-
lipids (DPhPC, DOPC and POPC) at an OW interface when placed in water versus
hexadecane. Measuring the interfacial tension will help us answer a) why monolayer
formation takes longer for lipid-out, b) why DIB formation success rate is lower for
lipid-out when compared to lipid-in, and c) why unsaturated lipids have low or zero
DIB formation success rates.
Objective 2 (addressing Gap 1 & 2 ). Develop methods to reduce incubation time
and improve bilayer formation success rate for lipid-out technique. Develop an active-
packing technique to achieve monolayers suitable for DIB formation using unsaturated
lipids (DOPC and POPC).
Objective 3 (addressing Gap 3 ). Develop new methods to transform DIB, a lab-
based technique, into a more portable and durable material system that is easier to
handle without compromising membrane integrity, functionality or losing advantages
of a conventional DIB system. This goal will be addressed by examining the usage of
a polymer-based organogel to immobilize aqueous droplets in a DIB system in order
to achieve the above-mentioned goals.
Objective 4 (addressing Gap 4 ). Construct and characterize 3D microscaffolds for
supporting horizontally-oriented SLBs that are positioned within the short working
distance offered by high resolution optical techniques. The proposed approach is
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to use a Nanoscribe direct writing instrument to 3D print micro-scaffolds that can
support lipid monolayers and bilayers within 100-200µm from the objective.
1.5 Document Overview
This introductory chapter provided the inspiration and background information on
lipid self-assembly, monolayer, bilayer and cellular membranes. Various techniques to
assemble synthetic lipid bilayers were briefly listed with a special focus on droplet
interface bilayer. Chapter 2 provides general methods describing all significant
materials and procedures used in our works. Chapter 3 discusses our findings of
differences in adsorption kinetics between lipid-in and lipid-out. Chapter 4 presents
a new method to enable DIB formation using pure, unsaturated lipids. Chapter
5 presents a novel method to package DIB to make it more durable and portable.
Chapter 6 provides results from our efforts to assemble lipid bilayers on 3D-printed
microscaffolds. And lastly, Chapter 7 lists the overall conclusions and contributions
from these research works.
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Chapter 2
General Methods
2.1 Materials and Preparation
2.1.1 Lipid-in solution preparation.
To prepare lipid-in aqueous liposome solutions, lyophilized powder are suspended
at a concentration of 2 mg/ml (2.4 mM) in an aqueous buffer (referred to simply
as buffer) of 10 mM MOPS, 100 mM NaCl, pH 7 in deionized water (DI). This
mixture is subjected to 4-5 freeze-thaw cycles to obtain multilamellar vesicles, and
then extruded 11 times through a 100 nm-pore polycarbonate membrane (Avanti
Polar Lipids) using an Avanti Mini-extruder or NanoSizer (T & T Scientific Corp.)
to form unilamellar vesicles.[12] This solution is then diluted appropriately to achieve
the required concentration.
2.1.2 Lipid-out solution preparation
To prepare lipid-out solutions of inverse micelles solutions in nonpolar solvent, lipid
powder is dissolved in hexadecane (C16H34, 99%; Sigma Aldrich) at 10 mg/ml
concentration and then diluted accordingly for further use. All the solutions are
stored at room temperature. Hydrated lipid-out solutions are prepared by adding
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1 µl of DI water into a vial containing 1 ml fresh lipid-out solution; this mixture
is periodically vortexed. "Aged" lipid-out solutions are prepared by storing freshly
prepared solutions at room temperature for 10 days prior to use.
2.1.3 Lipid-chloroform preparation for compression isotherm
For compression isotherm measurements, 1 mg/ml lipid solutions were prepared
in chloroform according to the following procedure. 4 mL vials are pre-cleaned
multiple times with chloroform and each vial is individually weighed until a stable
weight is measured. Following this, appropriate amount of stock lipid-chloroform
solution is added into each vial. After evaporating chloroform, vials containing lipid
powder is weighed again to determine the accurate mass of lipid placed in each
vial. Appropriate amount of chloroform is then added into each vial to make up
1 mg/ml solutions. Vials are immediately capped with septa caps (Thermo Scientific;
Septa cap: Red PTFE/White Silicone) and are wrapped with parafilm for leak-
proof seal. All compression isotherms measurements are performed within 24 hours
of lipid/chloroform solutions preparation to ensure high accuracy of molecular area
estimates.
2.1.4 SEBS-hexadecane organogel preparation
SEBS is purchased in powder form from Kraton (G-1650E; 10 kg mol−1) and used
without further purification. 10 mg ml−1 (1 mM) SEBS/hexadecane solution is
prepared in a glass beaker by mixing appropriate amounts of SEBS and hexadecane,
followed by heating the mixture to 100°C until SEBS completely dissolves to produce
a transparent solution. Following dissolution at 100°C, the mixture is cooled and
stored for up to 3 weeks at room temperature (RT, 25 - 28°C). Molten organogel is
obtained by reheating the organogel to 50°C.
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2.2 Dynamic Light Scattering
Dynamic Light Scattering Measurement was performed using a 632.8 nm-wavelength
Zetasizer (Malvern Instruments). A glass cuvette was filled with the sample
solution and placed in the DLS machine. Appropriate refractive index (Water:
1.333; Hexadecane: 1.434) was used. All measurements were performed at room
temperature.
2.3 Interfacial Characterization
2.3.1 Pendant Drop Tensiometer
A pendant drop tensiometer (Rame´-Hart Instrument Co. Model 590) and DROPim-
age Advanced software are used to measure the interfacial tension of an OW interface
as described elsewhere. In this study, two very similar setups are used to measure
interfacial tension for lipid-in and lipid-out cases at an OW interface. For lipid-
out IFT measurements, a rectangular glass cuvette is filled with lipid-out solution
and an aqueous pendant droplet is formed with buffer solution at the tip of a
vertically oriented stainless steel, blunt needle as shown in Figure 2.1(b). For
lipid-in measurements, the cuvette is filled with lipid-in solution and an inverted
pendant droplet of oil is formed with pure hexadecane at the tip of a J-shaped,
blunt needle as shown in Figure 2.1(a). This inverted configuration is incorporated
because a hanging lipid-in pendant droplet consistently falls from the needle when
the interfacial tension reduces below approximately 5 mN/m, making measurement
of equilibrium tension impossible. Dynamic measurements of IFTs are found to be
closely comparable between these two setups. In order to measure the equilibrium
tension in both lipid-out and lipid-in cases, the droplet volume is maintained at
1 µl (unless mentioned otherwise) so that the droplet does not detach from the
needle. Consistent droplet size also enables direct comparison of the kinetics. All
measurements are performed in constant-volume mode by using the dispenser’s
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Inverse oil droplet 
under water
Water droplet 
under oil
(A) (B) (C)
Figure 2.1: IFT measurement setup using a pendant drop tensiometer: (A) inverse
oil drop formed at the tip of the needle placed under aqueous bulk, (B) pendant
drop of water under oil bulk. (C) IFT data measured with pendant drop and inverse
pendant drop approach for both DPhPC-in and DPhPC-out cases are compared.
feedback control feature. Measurements are taken at a rate of 60 samples per minute
(1 Hz), and the IFT measurement is begun a few seconds before dispensing the
droplet to enable recording of the complete dynamic change in interfacial tension.
Prior to each measurement, the glass cuvettes are rinsed successively with isopropyl
alcohol IPA and DI water and then dried in an oven at 80°C. About 3 ml of the
bulk solution is then dispensed into the cuvette for a given test. A clean 23-gauge
(1-1/2" length) (Rame´-hart) blunt tip stainless needle is then attached to the end
of the dispenser tubing, and the tip of the needle is positioned in such a way that
the pendant droplet remains completely submerged in the bulk solution and away
from any other surfaces. A minimum of 5 measurements is taken for all cases, and all
experiments are performed in a class (1000) clean room with an ambient temperature
of 22 ± 0.5°C and relative humidity of 38.5 ± 2.5 %.
Stirring of the bulk solution is performed in some tests using a magnetic stir bar
(Sigma Aldrich) and a custom magnetic stirrer positioned below the glass cuvette.
A 9 mm (dia.) cylindrical magnetic stir bar is placed in the cuvette before adding
bulk solution. Because stirring affects the IFT measurement, the solution is stirred
intermittently during tests and data points collected during stirring are disregarded.
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The stir speed is limited such that the droplet does not detach from the needle due
to agitation or excessive flow.
2.3.2 Langmuir Compression Isotherm
Surface pressure - Area (Π-A) isotherms are measured using a KSV NIMA LB
series (Model 1000UID) fitted with a platinum Wilhelmy plate following a standard
procedure.[29] The trough and the barriers are thoroughly cleaned using ethanol and
rinsed with DI water before every experiment. 20 µl of 1 mg/ml lipid solution in
chloroform is gently dispensed on to the subphase (DI water) using a Hamilton syringe
(801RN, Sigma-Aldrich). The Π-A isotherm measurement is started after waiting for
15 minutes to ensure that the chloroform in the monolayer is completely evaporated.
The monolayer is compressed at a constant rate of 10 mm/min while the surface
pressure is recorded at 1 second intervals. All measurements are performed at room
temperature (20-23 °C) inside an acrylic housing to protect the monolayer from dust
particles.
2.4 DIB formation and characterization
2.4.1 Liquid-in-liquid DIB formation
As shown in Figure 1.10, an open PMMA (polymethyl methacrylate)) or PDMS
(polydimethylsiloxane) substrate with an (height: 5 mm, width: 4 mm, depth: 8 mm
each) open reservoir is filled with 250 µl nonpolar phase. 200-500 nl (unless specified
otherwise) aqueous droplets are dispensed on agarose-coated ball end of the wire-type
silver-silver chloride (Ag/AgCl) electrodes that are mounted on micromanipulators
(WPI). After appropriate incubation time, droplets are brought into contact to form
a bilayer by manipulating the relative electrode positions. Upon contact, a DIB
forms at the interface as excess solvent is spontaneously excluded from between the
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Figure 2.2: A droplet interface bilayer with an equivalent electrical circuit.
droplets. This event is recorded using a digital camera (QImaging) fitted to an
inverted microscope (Olympus IX51).
2.5 Contact Angle Measurement
Images of successful DIBs are analyzed using MATLAB to extract the contact
angle between the droplets (see DIB image in Figure 2.4). The bilayer tension
and the energy of droplet adhesion is calculated based on the equations described
elsewhere.[144, 145] A minimum of 10 trials is performed for each lipid condition.
2.6 Electrical Characterization
A DIB acts as a barrier to the transport of ions across them, and thus, can be
considered as a resistor. At the same time, because of the charge storing capability
of the DIB due to the dielectric property of the hydrophobic region, DIBs can be
represented as a capacitor. Figure 2.2 shows a simple RC circuit that is used as a
model for DIBs (BLMs), where a resistor,R is connected in parallel to a capacitor,
C. The resistance offered by the aqueous solutions on either side of the bilayer
(determined by the composition and concentration) is represented by an equivalent
38
resistor, Rs connected in series to the RC circuit. The complex impedance of this
circuit and its frequency-dependent electrical response is derived and discussed in
detail elsewhere.[146] Briefly, at low frequencies, the bilayer acts as a pure resistor
while at very high frequencies, the resistance of the solution, Rs dominates. Between
these two frequencies, the bilayer acts as a pure capacitor. This behavior of bilayer
is exploited to characterize the DIBs formed in this work.
Electrical characterization of DIBs is performed in open PMMA substrates
(described above) with droplets hanging on 125 µm wire-type silver-silver chloride
(Ag/AgCl) electrodes that are mounted on micromanipulators (WPI). The electrodes
are connected to an Axopatch 200B patch clamp amplifier (Molecular Devices) that
allows the user to apply voltage and measure the induced pico-ampere range current.
500 nl droplets are placed on the two agarose-coated electrode tips. After the
incubation time, the electrodes are then brought closer to each other to allow the
droplets to come into contact with each other. Due to the capacitive nature of the
bilayer, applying a triangular waveform voltage (10 mV at 10 Hz frequency) across the
bilayer induces a square wave current whose amplitude is proportional to the nominal
capacitance and area of the bilayer (see Figure 2.3(a & b)). This relationship is given
by
Is = 4AvfvC (2.1)
where,C is the membrane capacitance and Is is amplitude of the square wave
produced as a result of an applied alternating triangular voltage with an amplitude
(Av) and frequency (fv). For all cases tested, the square wave response is recorded
during bilayer thinning, and the area of the bilayer is adjusted by manipulating the
relative electrode positions to read an equivalent square wave current of about 100
pA (4.17 x 10−4 cm2).
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Figure 2.3: Electrical characterization. (A) shows the input triangular voltage to
measure the membrane capacitance shown in (B). (C) shows a sample plot of current
versus voltage that is used to calculate membrane resistance.
2.6.1 Resistance and Rupture Potential
To estimate the electrical resistance of the bilayer, DC voltage is applied across the
bilayer in incremental steps of 25 mV, for about 60 seconds in each step, in alternating
bias starting from 0 mV until the bilayer ruptures. The resultant current is digitized
with a Digidata 1440A (Molecular Devices) at a sampling rate of 2 kHz and analyzed
using MATLAB to determine the electrical resistance of the bilayer, extracted as the
inverse of the slope of current-voltage data obtained between -75 mV and +75 mV
(see Figure 2.3(c)). Finally, the voltage at which the bilayer ruptures is recorded as
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the rupture potential. A minimum of 5 measurements is performed for every case
discussed.
2.6.2 Specific Capacitance and Thickness
The nominal capacitance, C of a bilayer (calculated from electrical current measure-
ment in response to an applied triangular voltage waveform) for different bilayer areas,
A (estimated from optical images) are used to calculate the specific capacitance, Cm,
of a DIB as given by
C
A
= Cm =
0
d
(2.2)
where 0 is the dielectric permittivity in vacuum (8.854x10−12 F/m),  is the
relative permittivity of the hydrophobic region of the membrane, and d is the thickness
of the hydrophobic region.
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Figure 2.4: Specific capacitance measurement procedure.
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Specifically, two droplets hanging from agarose-coated electrode tips are connected
to form a DIB on an inverted microscope. Triangular wave is applied to the bilayer
continuously and the resultant square wave is recorded. Length of the bilayer is
varied in discrete steps by moving one droplet with respect to another by using a
micromanipulator, which in turn alters the measured square wave. At every step,
after the measured square wave reaches a steady state, an image of the interface is
taken. These images are then processed to estimate the area of the bilayer with an
assumption of circular interface. Figure 2.4 is plotted using the calculated capacitance
values of the bilayers at the exact moments of image captures and the area of the
bilayer estimated from the images.[147]
2.6.3 Alamethicin Ion-channel Gating
Alamethicin peptides purchased in powder form (A.G.Scientific) are dissolved in
ethanol at 10 mg ml−1 and stored at -20°C. Alamethicin stock solution is then diluted
in liposome solution to yield a final concentration of 1 µM. Ion-channel gating is
recorded by applying a DC voltage above 70 mV and recording the resultant current
at a sampling frequency of 10 kHz.
2.7 Nanoscribe 3D printing
Coating coverslips with ITO
Nanoscribe device uses an automated interface finding procedure to precisely find the
surface of the substrate on which the parts will be printed. This procedure relies on
the change in reflection properties at the surface. Therefore, glass coverslips, which
are highly transparent, needs to be coated with a thin layer of reflective material such
as ITO. 22 x 22 mm coverslips or 24 x 25 mm(Fisherbrand) are cleaned thoroughly by
sequentially rinsing with DI water, Acetone and IPA, followed by air-drying. Clean
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Figure 2.5: Schematics showing steps involved in printing and developing parts that
are fabricated using Nanoscribe direct laser writing.
coverslips are placed in a vapor deposition chamber for 15 minutes at 30W power to
deposit a ∼100-150 nm thick ITO coating.
Designing and Printing
Various different scaffolds are designed using Autodesk Inventor 3D CAD software.
During designing, the dimensions of the scaffold parts are set in millimeters. The
completely assembled scaffold designs are then exported as .stl files. These files are
then imported into DeScribe - a GUI software tool provided by Nanoscribe GmbH
to create print jobs, which converts .stl files to .gwl files. DeScribe allows the user
to position, orient and scale the scaffolds on the substrate as needed. Here, scaffolds
are rescaled to microns from millimeters. After choosing the desired print settings
and microscope objective, the job (.gwl file) is imported into NanoWrite that controls
the laser lithographic system. As shown in Figure 2.5, a drop ( 0.5 ml) of IP-S
photoresist (refractive index at 780 nm: 1.52) is dispensed on the surface of a ITO-
coated coverslip and is placed on the automated substrate holder. The automated
interface finder provided in NanoWrite software is then used to find the interface
before starting the print job. No prebake is neccessary for the photoresist used in this
work.
Microscaffolds that are used in Chapter 6 are all printed in Dip-in laser lithography
(DiLL) mode. In this mode, the substrate is placed upside-down where a 25x objective
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PHOTOLITHOGRAPHY & ETCHING
Figure 2.6: Schematics showing the steps involved in development of PDMS chip
for microfluidics.
is dipped in the photoresist (see Figure 2.5). A typical print job can take from 10 to
30 minutes depending on the size of parts and other print settings. Higher resolution
parts that are printed with 63x or 100x typically takes much longer time periods to
print. For all parts printed in this work, 25x objective is used.
Once the printing process is complete, the IPL laden coverslip is carefully removed
from the substrate holder and placed in a beaker containing SU-8 developer for 10-20
minutes (see Figure 2.5). This process removes the uncured IPL from the substrate,
thus leaving behind the printed scaffold. Following this, the substrate is gently rinsed
using Acetone and dried flowing compressed air.
2.8 PDMS Microfluidic Channel Fabrication
A standard soft-lithography procedure is implemented to make a simple microfluidic
channel with the dimensions of 1000 x 2500 µm (see Figure 2.6 for schematics). Briefly,
a mask containing the desired features is created using photo-lithography. Using this
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Figure 2.7: Schematic showing plasma oxidation and assembly steps involved to
develop a microfluidic chip containing 3D printed scaffold in its liquid chamber.
mask, a silicon wafer is etched using deep reactive-ion etching process to create the
required features with a height of 125 µm. Developed wafers are then placed in a
Petri dish and fresh PDMS is poured into it. After curing PDMS at 80 °C for 2
hours, the PDMS chip is peeled off.[98]
2.8.1 Plasma Bonding PDMS Chip on Glass Coverslip
Once the PDMS chip is cured, inlet and outlet through-holes are made by using a
biopsy punch (dia.: 0.75 mm). In order create a leak-free microfluidic chip, the PDMS
chip and coverslip (with printed scaffolds are printed) are then plasma treated using a
plasma oxidizer for 30 seconds. Immediately after removing from the plasma chamber,
the PDMS chip is bonded on to the coverslip as shown in Figure 2.7. Following this,
the PDMS-coverslip assembly is placed in an over to cure for 2 hours at 80 °C before
using for experiments.
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Chapter 3
Kinetics of Lipid Self-assembly at an
Oil/Water Interface: Dynamic
Interfacial Tension Measurements and
MD Simulation
3.1 Introduction
In this work∗, we study the self-assembly kinetics of phospholipids at an OW
interface for both lipid-in and lipid-out water-in-oil systems to examine and quantify
the fundamental differences in monolayer assembly. Here, we employ pendant
drop experiments to measure the interfacial tension (IFT) at the OW interface
and our results are compared to molecular dynamic simulations performed by our
collaborators at University of Illinois at Urbana Champaign (UIUC) to predict the
molecular arrangements of phospholipids in two-phase liquid environments. We also
∗Results presented here are reproduced from our published work: Venkatesan, Guru A., et al.
"Adsorption kinetics dictate monolayer self-assembly for both lipid-in and lipid-out approaches to
droplet interface bilayer formation." Langmuir 31.47 (2015): 12883-12893.
MD Simulation's were performed by our collaborator’s (and co-authors of this article) at University
of Illinois at Urbana Champaign.
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study the effect of advective flow around the aqueous droplet on the rate and extent
of self-assembly by providing intermittent stirring instead of a continuous flow in
lipid-out cases. DIBs obtained from these two techniques (lipid-in and lipid-out) are
characterized based on their electrical properties, including resistance and rupture
potential, to explore differences in the resulting interfacial membranes. To our
knowledge, this is the first attempt to characterize and compare the conditions
required to form stable DIBs using lipid-in and lipid-out techniques.
Two types of phospholipids that are widely used in the DIB community, namely
1,2-diphytanoyl-sn-glycero-3-phosphocholine (DPhPC) and 1,2-dioleoyl-sn-glycero-
3-phosphocholine (DOPC) are considered in this study.[94, 148] We discuss the
differences in monolayer formation rate for liposomes in water or inverse lipid micelles
in hexadecane, the most widely used oil in DIB studies and identify reasons for
slower monolayer formation in lipid-out cases. We identify that understanding the
kinetics of lipid monolayer formation at an OW interface is important not only for
DIB application, but also for other fields such as cosmetics, pharmacology and food
science where such water-in-oil emulsions are commonly used.[106, 149]
3.2 Results
3.2.1 Interfacial Tension Measurements
The interfacial tension of the neat hexadecane/water interface in absence of phospho-
lipids is first measured to be 44 mN/m, consistent with the literature.[150] Figure
3.1 shows average IFT data at the OW interface versus time for four different
cases with phospholipids: DPhPC-liposomes (DPhPC-in) versus hexadecane, DOPC-
in/hexadecane, DPhPC in hexadecane (DPhPC-out) versus aqueous buffer, and
DOPC-out/buffer. In the cases of 2 mg/ml DPhPC-in and DOPC-in, the interfacial
tension of a 1 µl aqueous droplet decreases rapidly from >40 mN/m to an equilibrium
value of 1.18 ± 0.2 mN/m and 1.99 ± 0.5 mN/m (Table 3.1), respectively, within
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Figure 3.1: Interfacial tension versus time measured at an oil-water interface
containing 2mg/ml of either DPhPC or DOPC lipids placed in the aqueous buffer
or hexadecane.
∼300 seconds. The saturation suggests that DPhPC and DOPC molecules have
assembled to form fully packed monolayers with surface pressures >42 mN/m (Surface
pressure = IFT of pure OW interface — IFT of OW interface with self-assembled lipid;
Π = γO/W − γO/L/W ).[16, 108] On the contrary, equilibrium tensions are not reached
within 20 minutes for the cases of DPhPC-out and DOPC-out at the same lipid
concentration and droplet size. After an initially quick drop in tension during the first
50-100 seconds, a slower reduction in tension at a rate of about 0.04 mN/m/s or lower
is observed for both lipid-out cases. At the end of 20 minutes, the IFT falls to 12 ± 2.0
mN/m for DPhPC-out and 2.7 ± 0.8 mN/m for DOPC-out. Equilibrium IFT of 1.8 ±
0.3 mN/m is recorded for DOPC-out within about 30 minutes, though an equilibrium
tension is not obtained for DPhPC-out even at 1 hour after droplet formation. These
equilibrium tensions and rates for both lipid-in and lipid-out are in agreement with
measurements of monolayer formation found in the literature.[108, 145]
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(a) (b)
(c) (d)
Figure 3.2: Interfacial tension versus time for: (a) 2, 0.2, and 0.002 mg/ml
DPhPC-in concentrations; and (b) 10, 2, 0.2, 0.02 and 0.002 mg/ml DPhPC-out
concentrations; (c) 4 different old DPhPC-out concentrations; (d) fresh DPhPC-out,
hydrated DPhPC-out, fresh DOPC-out, and hydrated DOPC-out.
We performed a second series of experiments to examine the extent to which lipid
concentration affects monolayer IFT for both lipid-in and lipid-out approaches. Figure
3.2(a) shows the change in interfacial tension as a function of time for three different
concentrations of DPhPC liposomes (DPhPC-in) in the aqueous phase: 2, 0.2, and
0.002 mg/ml. All three concentrations are above the critical micelle concentration in
water, which are in the ng/ml range for saturated phospholipids.[151] At 2 mg/ml
concentration, an equilibrium tension of 1.5 mN/m is reached in less than 200 seconds,
whereas at 0.2 mg/ml concentration, an equilibrium value of 1.86 mN/m is reached
after only about 300 seconds. At a lower concentration of 0.002 mg/ml, the tension
does not reach an equilibrium value even after 1000 seconds. Similarly, different
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(a) (b)
Figure 3.3: Interfacial tension versus time: (a) 2mg/ml DPhPC-out with and
without stirring; and (b) 2mg/ml DOPC-out with and without stirring the lipid-out
solution for a 1 µl droplet. Arrows mark the beginning of 30 s periods of stirring.
concentrations of DPhPC-out display different rates of IFT reduction (Figure 3.2(b)),
where again none of the lipid-out concentrations result in surface pressures >40 mN/m
indicative of a fully packed monolayer.
Because inverse micelles are known to swell and form complex networks in oil with
the addition of water,[152] we also performed IFT measurements with intentionally
aged and hydrated lipid-out solutions (0.1% v/v water content) to understand how
these factors also may affect monolayer assembly. Results of the IFT measurements
for fresh and freshly hydrated solutions of DPhPC-out and DOPC-out are compared
in Figure 3.2(d) where no significant difference in rate of IFT reduction was noticed.
In another set of experiments, intentionally aged lipid-out solutions were used to
measure IFT (Figure 3.2(c)). A considerably lower rate of IFT reduction and much
less dependence on concentration can be seen in case of the aged inverse micelle
solutions compared to freshly prepared solutions.
As recently demonstrated by Thuttupalli, et al, incorporating advective flow of
the lipid-out solution around the droplet results in a large and rapid reduction in the
IFT to a value of about 5 mN/m.[116] This is attributed to the flow-induced supply
of fresh DOPC inverse micelles to the droplet subsurface. Therefore, a final series of
IFT measurements were performed with stirring of the lipid-out solution to explore
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the effect of advective flow around the droplet on DPhPC-out monolayer formation.
Figure 3.3(a) compares the IFT measurements of an aqueous droplet (1 µl) formed
in still and intermittently stirred hexadecane containing 2 mg/ml DPhPC. An IFT
value of 10 mN/m is reached after about 7000 seconds in a still bulk solution, while
an equilibrium value of 1.9 mN/m is reached within 600 seconds with five periods
of stirring (30 s each) of the bulk solution. Similar behavior is seen in DOPC-out
solution (Figure 3.3(b)).
3.2.2 DIB Formation vs Lipid Type and Placement
DIB formation success rates under various conditions with a lipid concentration
of 2 mg/ml are presented in Table 3.1. With DPhPC-in, a near 100% DIB
formation success rate is seen when 500 nl droplets are placed in contact after a
5-minute incubation time in hexadecane. Meanwhile, tests with DOPC-in droplets
in hexadecane rarely form stable lipid bilayers, usually rupturing immediately upon
contact even when connected after 20 minutes of incubation time in oil. Interestingly,
a significant increase in DIB formation success rate is observed for DOPC-in when
smaller droplets (<200 nl) are used.
In sharp contrast, aqueous droplets of buffer solution placed in DPhPC-out oil
yield bilayers in only 5% of the trials after 20 minutes of incubation. This result
holds true for lipid concentrations ranging from 0.2 mg/ml to 10 mg/ml in still oil;
however, as many as 60% of trials with DPhPC-out lipid solution yielded stable
lipid bilayers after only 10 minutes when the droplets are tossed back and forth in
a tube containing the same lipid-out solution as reported elsewhere.[86] Comparable
success rates (40%) are seen herein when a similar flow mechanism is implemented
to prime the droplets. Separately, aqueous droplets placed in fresh DOPC-out and
hydrated DOPC-out solutions are able to form DIBs with high success rates (70% and
80%, respectively) when connected within 20 minutes. Measured electrical properties
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Table 3.1: Success Rates of DIB Formation and Measured Electrical Properties of
the Bilayers
DPhPC-in
/Hexadecane
DOPC-in
/Hexadecane
DPhPC-out
/Buffer
DOPC-out
/Buffer
Eq. Monolayer Tension (mN.m-1) 1.18 ± 0.2 1.99 ± 0.5 2.04 ± 0.15 1.8 ± 0.3
Bilayer 
Formation 
Success Rate
5 min 100% 0% 0% 40%
20 min 100% 10% 5% 70%
With flow n/a n/a 40% 100%
Hydrated n/a n/a 5% 80%
Electrical 
Properties
Specific Resistance 
(MΩ-cm2) 8.04 ± 3.6 0.55 ± 0.25 1.7 ± 0.8 0.7 ± 0.22
Max. Rupture 
Potential (mV) 275 150 100 125
(Table 3.1), contact angles and calculated bilayer tensions and energies of adhesion
fall in expected ranges as reported in the literature (Table 3.2).[145]
3.2.3 Electrical Measurements
Figure 3.4 shows the current-voltage plots from DIBs formed using lipid-in and lipid-
out methods. As mentioned in Chapter 2, the slopes of these curves are used to
calculate the bilayer resistance. The specific resistance calculated from these plots
are reported in Table 3.1 along with the maximum voltage at which DIBs ruptured.
Overall, DIBs formed with DPhPC-in method displayed highest specific resistance
and workable voltage range.
3.2.4 Comparison to Simulation Results Performed at UIUC
First, the changes in free energy of an individual DPhPC micelle and, separately, a
DPhPC inverse micelle near a pristine OW interface (without any pre-existing lipid
molecules at the interface) are computed via MD. The calculated potential profile,
based on the Jarzinsky relation,[153] is symmetrized about z = 0 (the OW interface)
such that the potential is zero when the micelle (or inverse micelle) is in the bulk
liquid environment (oil or water) on either side of the interface. The free energy
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(a) (b)
Figure 3.4: Current-voltage curves for DPhPC and DOPC (a) lipid-in; (b) lipid-out.
Slopes are plotted between -75 mV and 75 mV to calculate resistance of the bilayers
(inverse of slopes).
curves of the micelle (Figure 3.5(a)) and the inverse micelle (Figure 3.5(b)) indicate
the relative favorability of lipid-in and lipid-out micelles to self-assemble at the OW
interface. The potential of a 6-lipid micelle in water at the interface with respect
to the bulk is -450 kJ/mol, while, for an inverse micelle (lipid-out) of the same size,
the magnitude of the potential well at the interface is ∼105 kJ/mol. This four times
stronger potential field near the interface in DPhPC-in case compared to DPhPC-out
assembly case gives rise to faster and more favorable self-assembly at a pristine OW
interface. Comparable free energy curves are observed for DOPC-in and DOPC-out
cases as well (Figure 3.5(c & d).
In order to investigate the effects of pre-existing lipid molecules at the OW
interface on the self-assembly (i.e. a partially packed interface), a second set of MD
simulations are performed in which the OW interface is occupied by a sparsely packed
monolayer. The population of pre-existing lipid molecules at the OW interface is
controlled to establish various levels of defined initial configurations for the production
runs. Four different packing density (area per lipid) cases of sparse lipid monolayers
are examined: 2.54 nm2/#, 1.45 nm2/#, 1.02 nm2/#, and 0.79 nm2/#, where 0.79
nm2/# corresponds to a surface pressure of 40 mN/m — maximum packing density
reported in literature for DPhPC.[26] Represented in terms of percent coverage, 0.79
nm2/# corresponds to 100% coverage, and 2.54 nm2/#, 1.45 nm2/#, and 1.02 nm2/#
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(b)
Figure 3.5: DPhPC and DOPC lipid assembly free energy curves as a function of
the distance from the pristine OW interface. (a) & (c) shows free energy curves for
DPhPC and DOPC micelle (lipid-in), respectively; (b) & (d) shows free energy curves
for DPhPC and DOPC inverse micelle (lipid-out), respectively.
correspond to 31%, 54% and 77% coverage, respectively. The resultant free energy
profiles for self-assembly process are compared in Figure 3.6. The potentials of the
micelle at the OW interface are favorable (negative free-energy with respect to that
of the bulk) for 2.54 nm2/#, 1.45 nm2/#, and 1.02 nm2/#, and unfavorable for 0.79
nm2/# in the lipid-in case (Figure 3.6(a)). In other words, the micelles in water
can spontaneously assemble at the interface to form a tightly packed monolayer until
the maximum packing density is reached. On the other hand, inverse micelles in the
lipid-out case display a positive potential (unfavorable) for a packing density as low
as 1.02 nm2/# despite the fact that there is enough space at the interface for more
lipid molecules to insert (Figure 3.6(b)). These results indicate clearly that sparsely
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Figure 3.6: Free energy curves for (a) DPhPC-in micelles, (b) DPhPC-out inverse
micelles, (c) DOPC-out inverse micelles, and (d) DPhPC-out swollen inverse micelles
w.r.t. the distance from the OW interface with different packing density monolayers.
packed lipid monolayers with low area per lipid significantly hinder adsorption of lipid
molecules assembling from the oil (lipid-out).
Additionally, the lipid-out self-assembly for the two types of lipid molecules
(DOPC and DPhPC) are compared. The free energy curve of the DOPC-out (Figure
3.6(c)) shows stronger potential wells at the interface compared to the DPhPC case
(Figure 3.6(b)), which indicates that the DOPC self-assembly is energetically more
favorable than DPhPC-out assembly. These results explain the difference in the speed
of the DPhPC-out and DOPC-out self-assembly that was observed in the experiments
(Figure 3.2). Free energy curves for DOPC-in are not estimated as the IFT dynamics
of DOPC-in are very much comparable to DPhPC-in. Therefore, drastic differences
are not expected.
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Figure 3.7: DLS measurements showing size distribution in terms of scattering
intensity for a a) fresh DPhPC-out sample, b) 10-day old DPhPC-out sample, and c)
hydrated "swollen" DPhPC-out sample, d) fresh DPhPC-in liposome sample, and e)
10-day old DPhPC-in sample.
Finally, to understand the effect of hydrated (swollen) inverse micelles on the
change in free energy during self-assembly, simulations are performed with 35 water
molecules between the head groups of an inverse micelle. The free energy in the 1.02
nm2/#, 0.79 nm2/# cases still exhibit positive values (i.e. unfavorable) near the
interface as shown in Figure 3.6(d), but the magnitudes of the free energy barriers
at the interface are reduced compared to the unhydrated case. Similarly, in the 1.45
nm2/# case, self-assembly of a hydrated inverse micelle is slightly more favorable
than its unhydrated form. This result is also in agreement with the experimental
results (Figure 3.2(d)).
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3.3 Discussion
When an aqueous droplet is placed in a non-polar solvent such as hexadecane, an
interfacial tension is experienced at the droplet surface due to the relative strengths
of attractive and repulsive van der Waals forces among oil molecules and water
molecules. Lipid molecules, like other surfactants, self-assemble at the OW interface
to reduce this interfacial tension, thereby lowering the surface free energy of the
system. When these molecules form tightly packed monolayers, the IFT drops from
∼44 mN/m (γO/W ) to ∼1-2 mN/m (γO/L/W ), a minimum tension that corresponds
to a maximum surface pressure (Π = γO/W − γO/L/W ) value >40 mN/m.[149] We
measured the change in IFT over time at an OW interface caused by lipid self-
assembly for two different lipids (DPhPC and DOPC) placed in two different liquid
phases (water and hexadecane) using pendant drop tensiometry.
In general, we observed 5X and 10X slower rates of lipid monolayer formation
for DOPC and DPhPC, respectively, when the lipids assemble at the interface from
the oil phase versus from the aqueous side. Using MD simulations, we calculated
a significantly higher (4X) decrease in free energy for DPhPC-in micelles compared
to that for DPhPC-out inverse micelles. Similar magnitudes of energetic favorability
are seen for DOPC-in when compared to DOPC-out as shown in Figure 3.5 (c % d),
respectively.
The free energy includes different components, namely the lipid-water, lipid-oil
and lipid-lipid interaction energies which are a function of the parameters for the
Lennard-Jones (L-J) and Coulombic interactions. In the case of DPhPC and DOPC,
the fact that the L-J parameters and the lipid charge distributions (DPhPC with
38 and DOPC with 24 charged atoms) are different gives rise to the differences
observed in the free energy profiles. Note that the computed free energy includes
both electrostatic and L-J contributions. When the lipid micelles in water (lipid-
in) move towards the OW interface, they are surrounded by more water molecules
than by oil molecules (and the opposite for lipid-out method). This results in stronger
58
lipid-water interactions for the lipid-in case resulting in a different energy profile from
the lipid-out case. These results confirm that rates and energetics of assembly are not
equal for lipids approaching the OW water interface from opposite sides, respectively.
In reviewing the literature, we found several studies[154–156] that examined the
kinetics of monolayer formation at a polar-nonpolar fluid interface (e.g. water-air,
water-oil) from liposomes distributed in the aqueous phase. These works contribute a
basic understanding of the assembly process that consists of serial diffusion (liposomes
diffuse from the bulk to the subsurface) and adsorption steps (vesicle structure in the
subsurface disrupts and lipids assemble at the interface).[16, 157] The total rate of
monolayer formation is thus limited by the slower of these two serial steps. When the
concentration of liposomes in the bulk is quite low (<2 µM), the rate limiting process
is reported to be the diffusion of liposomes into the subsurface (i.e. relatively fast
adsorption acts to continually deplete the subsurface such that monolayer formation
requires waiting on the next liposome to diffuse). However, when the bulk liposome
concentration is high enough (>0.2 mM),[151] diffusion is the faster of the two steps.
In our study, concentrations of lipids in the two liquid phases ranged from the
typical concentration of∼2 mM used for forming DIBs down to∼2 µM. The computed
values of the diffusion coefficients[154] of both 100 nm-diameter liposomes in water (1
cP viscosity) and 10nm-diameter inverse micelles in hexadecane (3 cP) are found to
be quite similar: 4 x 10−12m2/s for the liposomes and 7 x 10−12m2/s for the inverse
micelles. Therefore, we realize that the differences in kinetics of monolayer formation
between lipid-in and lipid-out must not arise from the difference in diffusion of
liposomes and inverse micelles. Instead, the differences must originate from differences
in adsorption of lipid structures from subsurface.
Differences in lipid adsorption for the two approaches are quantified using a first-
order irreversible reaction model to empirically extract short-term rates of adsorption.
In this model, the concentration of lipids in the subsurface, C0 (mol.m−2) is considered
as the reactant while the surface density of phospholipids, Γ (mol.m−2), is the product
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as shown in the following scheme, where ka is considered to be a time varying
adsorption rate constant (s−1):
C0−−−→ka(t)Γ (3.1)
Due to high diffusion rates at high bulk concentration used in our system, C0 is
considered to be constant. For irreversible adsorption, the rate of increase in surface
density of lipids in the monolayer is written as:
dΓ
dt
= ka(t)C0 (3.2)
For short time intervals (i.e. those much less than the time required for the
surface tension to equilibrate) where the ka is assumed to be a constant, integrating
Equation 2 yields a linear temporal solution for the surface density of lipids in the
monolayer. This solution can be rewritten in terms of the liposome (or inverse micelle)
areal density in the subsurface, V0 (liposomes.m−2 or inverse micelles.m−2), and the
number of lipids per unit structure, m, (i.e. 80,000 lipids/liposome or 100 lipids/invers
micelle) as
Γ(t) =
V0m
Av
kat (3.3)
where Av is Avogadro’s number (6.02x1023 molecules/mole). At short times,
Equation 3 shows a linear relationship between the time varying surface concentration
and subsurface lipid concentration, adsorption rate, and time. Finally, an equation of
state is required to relate surface density of lipids to surface pressure. Henry’s surface
equation of state relates equilibrium surface concentration to surface pressure, Π:[158]
Π(t) = nRTΓ(t) (3.4)
where R is the ideal gas constant (mJmol−1K−1), T is the absolute temperature
(K), and n is a factor that depends on the type of surfactant (n=1 for non-ionic
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surfactants, n=2 for ionic surfactants). Thus, for neutral lipids like DPhPC and
DOPC, n=1. Equation 4 is valid for low surfactant concentration systems where
interaction between adsorbed surfactants is assumed to be negligible. As suggested
by Bleys et al., the equilibrium Equation 4 can be applied to a dynamic system.[159]
Thus, substituting Equation 3 into Equation 4 yields the following linear relationship
for surface pressure versus time for irreversible adsorption at a fixed adsorption rate
during brief intervals:
Π(t) =
RT
Av
V0mkat (3.5)
Yet, IFT measurements of phospholipids at an OW interface (Figure 3.1) clearly
show that surface pressure does not increase linearly with time. To account for the fact
that measured surface pressures are nonlinear, we consider that the favorability for
lipid adsorption must decrease as surface density rises due to: 1) decreasing available
area at the interface for new lipids, and 2) inhibiting interactions between adsorbed
molecules and those in the subsurface.[160]
Empirically, this slowing of adsorption is described as a decrease in the adsorption
rate constant, ka, or in the lipid adsorption flux represented by the product V0mka.
By letting the product mka vary during the measurement, Equation 5 can thus be
used to fit non-linear IFT data well in successive, 4 second time segments during
which a constant local rate (mka) is computed from the slope (Figure 3.11(b)). The
resulting dynamics of rates for both the lipid types placed in either phase are shown
in terms of lipid adsorption flux, V0mka (lipids.m−2.s−1) in Figure 3.8. After the first
few seconds of fast adsorption, the lipid adsorption flux abruptly drops down and
adsorption continues at a slower flux for DPhPC-out (Figure 3.8(a)). Such distinct
change in lipid adsorption flux — a high initial flux followed by drastically slower
flux until equilibrium is reached — is seen for both DPhPC-out and DOPC-out after
about 75 s (Figure 3.8(d)). Dynamics of lipid adsorption flux for both DPhPC-in and
DOPC-in does not seem to display such distinct regimes; rather, a single trend in
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(a) (b)
(c) (d)
Figure 3.8: Estimated lipid flux rate versus time for a) DPhPC-in and DPhPC-out,
b) DOPC-in and DOPC-out, c) DPhPC-in and DOPC-in, and d) DPhPC-out and
DOPC-out at 2mg/ml concentration. Note: Only non-zero values are plotted.
decline of lipid adsorption flux (Figure 3.8(c)) is noticed. A noticeable difference in
adsorption behavior for lipid-out suggests the possibility of the onset of an additional
adsorption barrier leading to a changeover in regimes.
To further investigate the differences, data from Figure 3.1 and Figure 3.8 are
combined in Figure 3.9 to cast the progression of lipid adsorption flux in terms of
increasing surface pressure, which is proportional to surface density. As expected,
in both lipid-in and lipid-out techniques, the lipid adsorption flux is highest during
the first few seconds of monolayer formation when the surface pressure is the lowest
as the lipid structures encounter a "clean" OW interface. During this phase, one
could assume complete rupturing of liposomes or inverse micelles to deposit its
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(a) (b)
(c) (d)
Figure 3.9: Estimated lipid flux rate versus surface pressure for, a) DPhPC-in
and DPhPC-out, b) DOPC-in and DOPC-out, c) DPhPC-in and DOPC-in, and d)
DPhPC-out and DOPC-out at 2mg/ml concentration. Note: Only non-zero values
are plotted.
entire content at the interface. Walker and Richmond explained this as the "rupture
mechanism" (Figure 3.10(a) & 3.10(c)).[16, 157] The higher initial values for lipid-in
when compared to their lipid-out counterparts is possibly due to, a) the difference in
the tendencies of liposomes and inverse micelles to break open at the interface, and
b) the difference between the number of lipids per liposome (∼80,000 molecules) and
an inverse micelle (∼100 molecules).
As the surface concentration of lipids increases, the lipid adsorption flux starts
to reduce due to the diminished exposed-OW interface and increasing repulsive
interaction between the adsorbed lipids and the lipid structures approaching the
interface. Figure 3.9(c) shows that, for DPhPC-in and DOPC-in, such hindrance
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(quantified as low lipid adsorption flux) is minimal until the surface pressure reaches
close to the maximum value (>40 mN/m) where the exposed-OW interface is minimal.
On the contrary, for DPhPC-out, such an adsorption barrier intensifies at a much
lower surface pressure (∼23 mN/m) and hinders further adsorption (Figure 3.9(a)).
Hence, a much slower reduction in surface tension is noticed after the initial quick drop
in IFT (Figure 3.1). A similar adsorption barrier is seen in DOPC-out although only
after a relatively higher surface pressure (∼35 mN/m) is reached, which is possibly
due to higher fluidity of DOPC tail groups when compared to DPhPC.[161, 162] We
hypothesize that once this adsorption barrier has been established (2nd regime in
Figure 3.9), adsorption takes place via an "extraction mechanism" (Figure 3.10(b
& d) âĂŞ the process by which liposomes or inverse micelles deposit a fraction
of its lipid content into the interface while remaining intact74 — rather than by
rupture mechanism. In agreement, the MD simulations show that an increase in free
energy is observed when a DPhPC inverse micelle is placed near a partially packed
interface with packing densities as high as 1.02 nm2/# (Figure 3.6(b)). In other
words, adsorption of lipid molecules into the interface is hindered before the packing
density of lipids at the interface reaches the maximum value of 0.79 nm2/# as seen
in lipid-in. Therefore, we arrive at the conclusion that after a short period of simple
adsorption-controlled process, such adsorption barriers limit the continued process of
lipid self-assembly at the interface for lipid-out technique. In contrast, analysis of the
lipid-in IFT data indicate that such adsorption barriers are not encountered for lipid-
in until maximum packing density is achieved as the liposome-monolayer interaction is
repulsive[163] — for comparison purposes, we call this a simple adsorption-controlled
process. Furthermore, we conclude that diffusion is not a rate-controlling step due
to the high concentrations used in our study for both lipid-in and lipid-out. In
agreement, such mixed diffusion, adsorption, and adsorption-barrier controlled self-
assembly have also been reported for phosphatidylcholine and other micelle forming
surfactants at an OW interface.
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One possible explanation for the onset of the adsorption barrier for inverse
micelles is the formation of hydrated-inverse micelles and lipid-based organogels in
the subsurface of the lipid-out solution. The incorporation of water (0.1% v/v) into
a nonpolar organic solvent containing a high concentration of lipids is found to have
substantial effects on both the nanoscale self-assembly of the lipids as well as the bulk
properties of the solution.[152] For example, hydrating inverse micelles can result in
the formation of worm-like structures that can overlap to form three-dimensional
networks. Upon hydration, drastic increase in the size of lipid structures is measured
using DLS (Figure 3.7). However, both experimental and MD simulation results show
that there is no drastic, adverse difference in the rate of IFT reduction and energetic
favorability for swollen inverse micelles over their un-swollen counterparts (Figure
3.2(d)). While these structures do not drastically affect the monolayer formation,
these tangled micellar structures, may affect the bilayer formation. Although our MD
simulations do not show evidence for aggregation of inverse micelle to the partially
packed monolayer, the possibility of forming multi-molecular layers tethered to such
interface should not be neglected.[151, 164, 165]
Our experiments and others have shown that stirring lipid-out solution increases
the packing density of lipids at an OW interface by providing an advective flow of
species around the aqueous droplets. In prior works, the enhanced rate of assembly
was attributed to a reduction in the time required for the lipid species to reach the
interface. Quicker self-assembly of lipids is seen in microfluidic devices than in a
static system due to the convective motion of the droplet and the bulk that is found
in the former system.[116] This difference was attributed to the advection-induced
transport of lipids to the interface. Self-assembly studies using fluorescent surfactants
in microfluidic devices displayed a decreasing concentration gradient of the adsorbed
lipids from the rear to the front of the droplet that is in motion due to the presence
of shear flow.[105] Proven the propensity of lipid-out systems to exhibit adsorption-
limited kinetics, we believe that flow may actually have multiple roles: a) to crowd
the assembled lipids at the interface due to shear flow, exposing bare OW interface
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Figure 3.10: Schematic representation of lipid self-assembly at an oil-water interface
following rupture mechanism (a: lipid-in, c: lipid-out) and extraction mechanism (b:
lipid-in, d: lipid-out). Schematic (d) depicts the swollen inverse micelles through
uptake of water.
where lipids in subsurface can get adsorbed (promoting rupture mechanism rather
than extraction), and b) to perturb lipid assembly in the subsurface due to advective
flow, allowing additional lipid insertion, thus reducing the IFT. Such stirring induced
reduction in IFT is seen in both DOPC-out and DPhPC-out techniques (Figure 3.3).
Stirring did not have drastic effects on "aged" or "hydrated" lipid-out solutions (data
not shown) as presence of complex lipid structures in the bulk could affect the self-
assembly process drastically.
Differences between DPhPC and DOPC IFT reduction rate could be due to the
different innate shape of the lipids, the bulky methyl groups on the acyl chains of
DPhPC, or the difference in phase of lipid at 20°C (phase transition temperature, tm
for DOPC: -18°C; tm DPhPC: no transition between -120°C to 120°C).[162] DOPC-
out inverse micelles, unlike DPhPC-out, do not exhibit an increase in free energy
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when placed near a packed interface with area per lipid as low as 0.79 nm2. This is
likely because DOPC molecules occupy a lower area (∼65 nm2/#) at its maximum
packing density.[166] Pre-packing the interface with a more tightly packed monolayer
could produce a positive change in free energy.
To summarize, tightly packed monolayers are obtained within 5 minutes of droplet
formation for both DPhPC-in and DOPC-in, and in about 30 minutes for DOPC-out.
On the other hand, such tightly packed monolayer is not achieved with DPhPC-
out even after 1 hour. We attribute this to the adsorption barrier established
due to aggregated and/or hydrated inverse micelles on partially packed monolayer.
Nevertheless, stirring of the bulk lipid-out solution are found to help achieve tightly
packed monolayer quickly. We accredit this to the convection-induced relocation of
interface-bound lipids and restoration of rupture mechanism based adsorption.
For bilayer formation, priming droplets with such flow techniques is not required
for lipid-in solutions, since a tightly packed monolayer assembles within 5 minutes and
monodispersed liposomes do not aggregate with one another or with the monolayer
over time (see Figure 3.7). This favorability translates into a near 100% bilayer
formation success rate is seen in case of DPhPC-in. While a similar behavior is
expected from DOPC-in (as the IFT reduced to near 1.99 mN/m within 5 minutes),
droplets (>200 nl) with DOPC liposomes fail to form DIBs with high success rate even
when connected after 20mins or longer. Nevertheless, smaller droplets (<200 nl) seem
to form DIBs even within 5 minutes with a drastically higher rate.[96] The reason for
such droplet size-dependent behavior is unclear and requires separate investigation;
varying Laplace pressures, droplet curvatures, and lipid shape factors may all be
responsible.[43] As expected from the measured IFTs, low bilayer formation success
rate is seen for DPhPC-out and DOPC-out when connected within 5 minutes, and
higher success rate for DOPC-out after a 20-minute incubation time.
In accordance with the IFT data for hydrated DOPC-out (Figure 3.2(d)), a
significantly higher success rate and reduced required incubation time is observed
when connected just after 10 mins. On the other hand, hydrated DPhPC-out,
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in stationary conditions, did not seem to improve the success rate. Employing a
flow mechanism to prime the droplets before connecting improved the success rate
for DPhPC-out considerably, which we explain by relocating the hydrated inverse
micelles and other complex lipid structures away from the droplet subsurface, which
can be found in stationary systems. In summary, near 100% DIB formation success
rate displayed by DPhPC-in (that has the quickest monolayer formation with least
IFT) and the dependence of success rate on droplet size for DOPC-in and hydration
level for DOPC-out and DPhPC-out proves that while tightly packed monolayer is a
fundamental precondition, it is not the only requirement.
High electrical resistance (gigaohm) allows detection and characterization of
single-channel membrane proteins and peptides that are inserted in the bilayer.
Bilayers with higher rupture potential (>125 mV) are favorable for studying voltage-
regulated species such as alamethicin. DIBs formed with DPhPC-in are found to have
both these desired properties. DIBs formed with other three cases seem to have low
rupture potentials (<125 mV). Bilayers formed with DOPC in either phase appear to
have lower resistance when compared to bilayers formed with DPhPC. This difference
in bilayer resistance, again, could be because of the difference in shape factor and the
fluidity of these two lipids at room temperature. Measured specific capacitance values
(Table 3.2) for DPhPC and DOPC bilayers match the values reported in literature
and no drastic difference is noticed between the bilayers obtained from the same lipid
type placed in different phases.[5] This confirms that the hydrophobic thickness of
bilayers obtained from the same lipid type is not affected by the phase in which the
lipids are placed.[167] The consistency in contact angle (Table 3.2) across the various
configurations is explained by the fact that contact angle is largely governed by the
tendency for an oil to be excluded from the bilayer based on its size relative to the
hydrocarbon chains of the lipids. Thus, little difference was expected or observed for
DIBs consisting of 16-carbon DPhPC tails or 18-carbon DOPC DIBs in hexadecane,
a 16-carbon alkane.
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Table 3.2: Measured physical properties of DIBs
DPhPC-in
/Hexadecane
DOPC-in
/Hexadecane
DPhPC-out
/Buffer
DOPC-out
/Buffer
Contact Angle (°) 20 ± 2 27 ± 5 18 ± 5 21 ± 5
Bilayer Tension (mN.m-1) 2.2 ± 0.4 3.5 ± 0.9 3.9 ± 0.3 3.36 ± 0.6
Energy of Adhesion (mN.m-1) 0.14 ± 0.001 0.43 ± 0.004 0.20 ± 0.01 0.24 ± 0.002
Specific Capacitance (µF.cm-2) 0.685 ± 0.068 0.914 ± 0.274 0.638 ± 0.068 0.968 ± 0.072
Calculated Thickness (Å) 2.8 ± 0.3 2.1 ± 0.7 3.1 ± 0.3 2.0 ± 0.3
It is important to acknowledge the simplifications required for MD simulations.
For instance, had we considered liposome with 80,000 molecules instead of a 6-lipid
micelle, the free energy profile for the lipid-in cases presented in Figure 3.5 could
change due the possible difference in favorability and the number of lipids supplied per
adsorption. In addition, the MD model disregards interactions between neighboring
micelles (or inverse micelles) either in the bulk or near the interface. Aggregation of
inverse micelle due to aging or hydration could increase the stability of lipid structures
in oil, thereby further reducing the rate of IFT reduction. The hydration level, which
is defined as the number (#) of H2O molecules inside an inverse micelle, and the
number of lipids in a hydrated inverse micelle are also not considered. Finally, the
curvature of the simulated oil-water interface is neglected since the droplets (ca.
1mm diameter) exhibit curvature radii orders of magnitude higher than those of
the lipids. Despite these choices, the MD simulations capture well the sustained
energetic favorability between a partially packed monolayer and lipid-in micelles and
the increasing difficulty of oil-bound inverse micelles to adsorb to a sparsely populated
monolayer. These trends are in direct agreement with the kinetic processes observed
experimentally for both lipid-in and lipid-out.
Considering the complexity involved in the lipid self-assembly process at an
OW interface, applying simple concepts of first-order reaction kinetics and Henry’s
equation of state for ideal scenario may not be suitable for accurately capturing the
kinetics of the entire process. However, with few valid assumptions, we demonstrate
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Table 3.3: Qualitative determination of suitable minimum lipid concentration
Number of lipids required to cover a 1µl droplet surface: 6x1012 molecules (approx.)
Concentration 2mg/ml 0.2mg/ml 0.02mg/ml 0.002mg/ml
Li
pi
d-
in
No. of lipid molecules 
present in 1µl aqueous 
droplet (approx.)
1.4 x 1015 1.4 x 1014 1.4 x 1013 1.4 x 1012
% required for complete 
coverage (approx.) 0.4% 4% 40%
419% (More lipids 
required than 
available)
Li
pi
d-
ou
t
No. of lipid molecules 
present in 10µl 
hexadecane solution 
(approx.)
1.4 x 1016 1.4 x 1015 1.4 x 1014 1.4 x 1013
% required for complete 
coverage (approx.) 0.04% 0.4% 4% 40%
that this model could be used to determine the rate-limiting step involved in
monolayer formation process, and to compare the kinetics for surfactants approaching
from different phases. The validity and limitations of our model is analyzed below.
3.4 Validity and Limitations of the Proposed Model
Consider DPhPC-in: integrating Equation 3, an approximate estimate of total
number of adsorbed lipids at equilibrium state, Γeq is obtained: 1.67 x 10−5 moles−2.
Using the equilibrium surface pressure value of 42.7 mN/m in Equation 4 leads to
a Γeq value of 1.75 x 10−5 moles−2, which is roughly equal to Γeq obtained from
integrating equation 3. Figure 3.11(c) compares the experimental surface pressure to
the back-calculated surface pressure from the model. The agreement found between
these two curves validates the modeling approach.
The use of an exponential model, where adsorption is proportional to the surface
density, to analyze experimental data is discussed in the Appendix (A.2). In short, a
single exponent, exponential model fails to capture the evolution in surface pressure
with respect to time. In addition, using a single exponential model to fit the lipid-out
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(b)
(c)
(a)
Figure 3.11: DPhPC-in surface pressure data and calculated fit using equation 5
for, a) the entire length of data with a single mka, and b) estimating mka values
for 4s segments. Inset: A zoomed-in view of the same plot to show the short 4s
data segments and its fit. c) Comparison of experimental surface pressure and back-
calculated surface pressure from the model for DPhPC-in at 2 mg/ml.
data does not describe the two different modes of adsorption as is possible with the
proposed linearized-model.
3.4.1 Limitations of the Model
The concentration range in which C0 can be assumed to be constant must be
determined (see Table 3.3) to determine the applicability of the proposed model.
C0 is assumed to be constant where the diffusion coefficient of lipid particles is high
enough such that adsorbed lipids from the subsurface are constantly replenished by
lipids originating from the bulk. For lipid-in cases, at high concentrations such as 0.2
mg/ml, just 4% of the total lipid content is required to completely cover the droplet
surface. Thus, the concentration gradient between the subsurface and the bulk is
71
maintained, allowing C0 to remain constant. However, at 0.02 mg/ml or below,
C0 may not be assumed to be constant as a significant portion (40% ) of lipids are
required to form a fully-packed monolayer. The calculation shown for a concentration
of 0.002 mg/ml shows that an insufficient number of lipids are present to fully pack
the interface, which explains why IFT only reduces to ∼22 mN/m (Figure 3.2(a)).
Aside from the number of lipids present, the concentration gradient established
between the interface and the bulk reduces for low lipid concentrations, which also
prevents C0 from remaining constant.
The bottom half of the Table 3.3 shows that even for a small lipid-out reservoir
volume of 10 µl, there exists an ample amount of lipids required for complete droplet
coverage. Therefore, the calculation justifies that at reasonable concentrations,
especially those higher than 0.02 mg/ml, depletion of lipids as a result of adsorption
is minimal and our assumption that C0 is constant is valid.
3.5 Conclusion
The results from this study answer some of the previously unanswered questions
in regards to required incubation time for both lipid-in (lipid-in-water) and lipid-out
(lipid-in-oil) techniques, and the reason for longer incubation time and reduced success
rates for DIB formation using lipid-out technique. Results from interfacial tension
measurements points to a simple adsorption controlled process for lipid-in assembly
and predominantly adsorption-barrier controlled assembly for lipid-out techniques
after an initial period of simple adsorption. For lipid-out technique, we identify that
the adsorption limitation becomes prevalent in the later stages of monolayer formation
due to a high potential barrier for inverse micelle structures near a partially packed
monolayer. This interaction creates an environment favorable for inverse micelle
aggregation in a way that is not seen in lipid-in technique due to the repulsive
interaction between liposomes in water. Formation of organogel in the subsurface
is determined as a possible reason for this adsorption barrier. Results presented
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clarify that advective flow around the aqueous droplet helps achieve a tightly packed
lipid monolayer by perturbing lipid structures in the subsurface and at the interface.
IFT measurements, in general, are in consistent with DIB formation success rates in
terms of a) minimum required incubation time, b) tighter packing i.e. lower IFT leads
to higher DIB success rates. For the cases where aggregation and swelling of inverse
micelle are noticed, application of advective flow around the aqueous droplet results
in quickly achieving tighter packing and increasing the bilayer formation success
rate, making lipid-out another successful technique for DIB formation in microfluidic
devices.
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Chapter 4
Evaporation-induced Compression of
Monolayers to Enable Droplet
Interface Bilayer Formation using
Unsaturated Lipids
4.1 Introduction
In this chapter, we report a novel experimental methodology to enable DIB
formation using unsaturated lipids. We demonstrate the implementation of a simple
evaporation-induced monolayer packing technique that conditions the spontaneously
self-assembled monolayers of two unsaturated lipids (that are in liquid-disordered
state) namely, DOPC and POPC, and enable DIB formation with near 100% success
rate. To understand how this method improves bilayer formation, the effects of lateral
compression of DOPC and POPC monolayers are studied in comparison to DPhPC
using pendant drop tensiometry and Langmuir compression isotherms. Electrical
measurements of bilayer resistance, rupture potential and specific capacitance are
also reported.
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4.2 Approach
4.2.1 Description of Novel Procedure: Evaporation of Water
Droplets to Compress Lipid Monolayer
Two Ag/AgCl electrodes are chlorided and ball-end tips are coated with Agarose
gel. These electrode tips are then placed under an organic solvent contained in an
open PMMA substrate. 300 nl aqueous droplets containing liposomes (lipid-in) are
pipetted on to the agarose-coated tips and electrode are positioned in such a way that
the droplets hang deep under the oil, far from the oil-air interface (see Figure 4.1). In a
typical DIB formation experiment, after incubating the droplets for 5-7 mins to allow
monolayer formation, the electrodes are repositioned gently to bring the droplets into
contact. In the modified experimental procedure, an evaporation-assisted monolayer
compression step is performed before bringing droplets into contact: after incubating
the droplets for 5-7 mins, the electrodes are lifted upwards to bring the droplets close
to/touch the oil-air interface for 10-15 seconds, where the droplets undergo shrinkage
(see Figure 4.1(c)). Before shrinking, droplets are situated on the electrode in such
a way that the agarose tip and the waist of the droplet are in the same xz-plane.
Upon shrinkage, the droplets descend down the electrode such that the waist of the
droplet is far below the agarose. During experiments, this change in xz-plane is used
as the visual cue for monolayer formation and the electrodes are lowered deep under
the oil and the droplets are brought into contact. In some cases, droplets fall off the
electrode due to the very low IFT of droplets achieved by the shrinking step. In such
cases, after droplets fall on to the PMMA substrate, they are brought into contact
by gently pushing using a pipette.
In either procedure, the experiment is concluded successful if a DIB is formed
— indicated both by visual confirmation of droplets "zipping" and by electrical
measurement showing growth of square wave current for a triangular voltage input
electrical measurement — and is found to be stable for at least 1 minute. The
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Oil
Air
Connecting without 
evaporation
Connecting after 
evaporation
Droplet Coalescence Bilayer Formation
Self-assembled monolayer 
Evaporation-induced 
monolayer compression
Compressed monolayer,
droplets descend
(a) (c)
(b) (d)
Figure 4.1: Schematic illustrating the steps involved in conventional procedure (a,
b) and in proposed procedure (a, c and d) to form a DIB.
experiment is noted failure if the droplets coalesce before (i.e., immediately after
contact), during or shortly after "zipping". Minimum of 5 trials were performed for
each lipid-oil combination.
4.2.2 Pendant Drop Tensiometry with Step-wise Volume Re-
duction
Change in interfacial tension during monolayer formation is measured using a pendant
drop tensiometer following a well-established procedure as reported in Chapter 2. In
order to understand how the proposed evaporation-technique affects the monolayer
packing, we performed another series of IFT measurements that emulates volume
shrinking seen in DIB experiments. The automated volume control device used to
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Figure 4.2: Representative data showing change in IFT due to spontaneous assembly
of DOPC monolayer (blue; fixed-volume mode) and step-wise reduction in volume
(red).
dispense pendant drops is used to reduce the volume of pendant drop in small steps
(∼0.08 to 0.50 µL per step) while measuring the IFT (see Figure 4.2).
4.3 Results
4.3.1 Improved DIB Formation Success Rate
We observe that when droplets are conditioned for a few seconds near the air-oil
interface, we obtain drastically higher success rates in DIB formation, which are
summarized for multiple lipids and oils in Table 4.1. As previously reported by
researchers, DPhPC-in produced a near 100% DIB formation success rate in all
organic solvents under consideration without any modification to the monolayer.
Applying droplet shrinking procedure to the DPhPC coated droplets do not affect
the success rate. DOPC and POPC, on the other hand, consistently fail to form DIB
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Table 4.1: DIB Formation Success Rates
Lipid Condition DPhPC DOPC POPC
Hexadecane
without evaporation 10/10 2/20 0/10
with evaporation 10/10 9/10 9/10
Dodecane
without evaporation 5/5 2/6 0/6
with evaporation 3/3 7/7 9/12
under all organic solvents. However, application of shrinking procedure is seen to
remarkably increase the success rate to near 100%.
Electrical Properties
Electrical resistance, rupture potential and specific capacitance measured for two
lipid/organic solvent combinations are provided Table 4.2. DIBs formed with DOPC
after shrinking exhibited a higher maximum rupture potential when compared to
unconditioned monolayers while no change in rupture potential is observed for
DPhPC. The specific capacitance of the bilayer follows a trend that is expected from
previously published works; DIBs formed in shorter-chain alkane has a lower specific
capacitance when compared to longer-chain alkane. This is due to higher amount of
shorter-chain alkane partitioning between the two leaflets of the bilayer.[5]
4.3.2 Dynamic Interfacial Tension Measurements
Fixed-volume pendant drop tensiometer (PDT) is used to characterize the dynamics
and the equilibrium IFT of monolayers formed with lipids at an oil-water interface.
The decrease in IFT of hexadecane-water interface as a function of time measured
using PDT for three different lipids is shown in Figure 4.3; data shown are average
traces of 3 or more IFT measurements. DPhPC and DOPC self-assemble to form a
monolayer within 500 seconds and result in an equilibrium IFT of 1.18 ± 0.2 mN/m
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Table 4.2: DIB measured electrical parameters
Lipid
Resistance (MΩ.cm2) Max. Rupture Potential (mV) Specific Capacitance (µF.cm-2)
Hexadecane Dodecane Hexadecane Dodecane Hexadecane Dodecane
DPhPC 8.04 ± 3.6 6.47 ± 1.07 275 200 0.685 ± 0.068 0.386 ± 0.072
DOPC 1.99 ± 0.88 2.775 ± 0.71 150 100 0.652 ± 0.084 0.357 ± 0.074
POPC 1.03 ± 0.68 3.53 ± 2.21 100 125 0.626 ± 0.052 0.553 ± 0.130
and 1.99 ± 0.5 mN/m, respectively. In case of POPC, IFT does not reach a stable
IFT value even after 15 minutes of self-assembly and a value of 12.68 ± 1.9 mN/m is
recorded, indicating the presence of a partially-packed monolayer.
To investigate how droplet shrinking at the air-oil interface affects IFT of a
pre-assembled monolayer, we performed successive step-wise reductions in pendant
droplet volume. Figure 4.4(a & b) shows representative step-responses of IFT
resulting from step-wise volume reduction performed after reaching an equilibrium
tension for DPhPC and DOPC, respectively. In case of POPC, step-wise volume
reductions are performed after 15 minutes of self-assembly (Figure 4.4(c)). In all
cases, volume reduction steps result in instantaneous reduction in IFT. However, a
notable difference in IFT step-response is seen between DPhPC and the other two
lipid types. In case of DPhPC, after the instantaneous reduction, the IFT bounces
back to a value (1.1 mN/m) close to the equilibrium (1.3 mN/m). Unlike DPhPC,
a new, lower equilibrium IFT value is observed for DOPC monolayer. In case of
POPC, as the volume reduction steps are performed before reaching an equilibrium
value, IFT is reduced in steps until a minimum value (0.73 mN/m in Figure 4.4(c))
is reached. Below a certain IFT (<0.6 mN/m), further reduction in volume causes
the interfacial tension to fall below a critical value needed to maintain a pendant
drop at the tip of the needle. Figure 4.4(d) compares the step-responses of all three
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Figure 4.3: Change in interfacial tension with time measured using fixed-volume
pendant drop tensiometer.
lipids w.r.t. droplet volume, indicating the minimal change in IFT for DPhPC when
compared to DOPC and POPC upon shrinkage. Similar results are observed with
other organic solvents (data not shown).
Figure 4.5(a) and 4.5(b) shows the change in IFT upon volume reduction
performed on multiple droplets containing DOPC and POPC monolayer, respectively.
From these figures, it is clear that volume reduction can consistently lead to reduction
in IFT for both the unsaturated lipids.
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(a) (b)
(c) (d)
Figure 4.4: Representative IFT traces showing change in tension (blue) induced by
step-wise reduction in droplet volume (red) for DPhPC (a), DOPC (b) and POPC
(c). Change in IFT w.r.t. droplet volume for data shown in (a-c) is plotted in (d).
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Figure 4.5: Change in IFT induced by step-wise volume change for multiple trials
of DOPC (a) and POPC (b) monolayers. Dotted lines are in the figure are only for
guiding the eye.
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Table 4.3: Compression isotherm parameters for pure monolayers.
Lipid A35 (Å2) A40 (Å2) 𝛱c (mN/m) Ac (Å2) Cs-1 (mN/m)
DPhPC 70.2 67.3 42.1 63.9 122.8
DOPC 62.5 57.8 41.7 53.6 64.9
POPC 55.5 52.5 42.7 50.3 93.2 
4.3.3 Langmuir Compression Isotherm
To quantify the lateral compressibility of these monolayers and identify differences in
area per lipid at the bilayer-monolayer equivalence pressure, we performed monolayer
compression isotherm measurements for the three lipids under consideration. Figure
4.6(a) shows the compression isotherms of pure DPhPC, DOPC and POPC mono-
layers formed at an air-water interface. Surface pressure for DPhPC, DOPC and
POPC monolayers begin to increase around 120 Å2, 125 Å2 and 107 Å2, respectively.
Upon further compression, all three monolayers go through a liquid-expanded state
and reaches collapse pressure without going through a LE-LC coexistence state as
seen with other lipids such as DPPC. Collapse pressures and area per lipid molecule
at three different surface pressure values including at monolayer-bilayer equivalence
point of 40 mN/m is provided in Table 4.3.[26] These measured isotherm parameters
are in good agreement with previously reported values. At collapse pressure, a single
DPhPC molecule takes up a larger area (63.9 Å2) when compared to DOPC (53.6
Å2) and POPC (50.3 Å2).[121, 168, 169] Figure 4.6(b) shows the change in inverse of
compressibility modulus (stiffness) as the monolayer is compressed. Highest stiffness
was noticed for DPhPC monolayer (122.8 mN/m) while lowest stiffness (highest
compressibility) was observed for DOPC monolayer (64.9 mN/m).
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(a)
(b)
Figure 4.6: Compression isotherm (a) and inverse compressibility modulus (b) for
DPhPC (blue solid line), DOPC (red dotted line) and POPC (yellow dashed line).
Each curve is average of 3 or more measurements. Black horizontal dashed line
corresponds to the bilayer-monolayer equivalence pressure of 40 mN/m.
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4.4 Discussion
It is well known that many amphiphilic lipid molecules spontaneously assemble to
create a monolayer at an oil-water interface with head groups facing the aqueous phase
and tail groups facing the oil phase.[18] Such self-assembled monolayers are essential
for the creation of droplet interface bilayers (DIBs).[84] To create a DIB, two or more
aqueous droplets each coated with a lipid monolayer are connected under a suitable
solvent. If the droplets are not coated or poorly-coated with lipids, the interfacial
tension between the OW interface remains high (as high as 44 mN/m). This high
interfacial tension creates a thermodynamic drive to fuse the droplets in order to
minimize the total surface area; surface area (and, in general, surface energy) of fused
droplet is lower than the total surface area of two separate droplets. In DIBs, using a
solvent that is "not suitable" also leads to droplet coalescence due to reasons such as
high IFT or due to large solvent molecular size.[170] In this chapter, we successfully
demonstrate an evaporation-induced monolayer compression technique to improve
and, in some cases, enable DIB formation with lipids that were previously known to
be unsuitable under three commonly used organic solvents. It is clear from Table 4.1
that a remarkable increase in DIB formation success rate can be realized under all
solvents considered by employing the proposed evaporation-technique for DOPC and
POPC lipids. In this following discussion, we use results from DIB formation, IFT
and compression isotherms to explain the reason for improved success rate attained
by evaporation-technique.
Dynamic interfacial tension measurements performed using pendant drop ten-
siometer reveals that DPhPC lipids, when placed in aqueous droplets as liposomes
(lipid-in), self-assemble at a hexadecane-water interface to form a monolayer with an
equilibrium IFT (γeq) of 1.18± 0.2 mN/m within 5 minutes (Figure 4.3). As expected,
when DPhPC-coated 300 nl droplets are connected under hexadecane after a 5-minute
incubation time, the droplets consistently (100% success rate as presented in Table
4.1) zip to form a DIB. On the other hand, same size droplets coated with DOPC
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monolayer fail to form DIBs consistently (10% success rate) despite the comparably
low equilibrium IFT achieved in under 5 minutes. Longer incubation time does not
seem to improve the DIB formation success rate, suggesting that DOPC monolayers
with an IFTeq of 1.99 ± 0.5 mN/m is not suitable (not packed enough) for DIB
formation.[23] Lastly, as expected from such slow monolayer formation for POPC
lipids characterized by a slow reduction in IFT (see Figure 4.3), DIB formation with
POPC-coated droplets is unattainable even after 20 minutes of incubation.
If poor DIB formation success rates observed for DOPC and POPC lipids
is attributed to poorly- or partially-packed monolayers, increasing the monolayer
packing density should improve the success rate. The proposed mechanism for the
droplet evaporation technique to improve the success rate of DIB formation is that
reducing the surface area of a droplet (by shrinking its volume) that is pre-coated with
a partially-packed monolayer will result in lateral compression and tighter packing of
phospholipids at the interface, which in turn, should aid/enable bilayer formation.
IFT data presented in Figure 4.5 proves that step-wise volume reductions
performed on pendant drops result in a decreased IFT for both POPC and DOPC.
Volume reduction steps performed on POPC monolayer at the end of 15 minutes
results in reduction in IFT resulting from tighter packing due to the decreased
available surface area for each molecule pre-adsorbed in the monolayer at each step.
Eventually, a minimum value less than 1 mN/m is consistently observed as shown
in Figure 4.5(b). Further reduction in volume causes the drop to fall off the needle,
possibly due to further reduction in IFT thus, terminating the measurement. In
case of DOPC, although the volume reduction step is performed after reaching an
equilibrium IFT, a steady, lower value below 1 mN/m is realized (i.e., γspontaneous >
γsaturation), suggesting a possible packing state that is tighter than equilibrium packing
achieved by spontaneous assembly alone. In case of DPhPC, volume reduction steps
performed after reaching equilibrium does not result in further decrease in IFT,
indicating that the monolayer is already in its tightest packing configuration (i.e.,
γspontaneous ≈ γsaturation). After the transient reduction in IFT seen immediately after
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volume reduction, the tension rises back to its equilibrium value due to the exclusion of
excess lipid molecules from the compressed monolayer through buckling. In essence,
results from Figures 4.5(b & c) prove that spontaneously assembled monolayers of
DOPC and POPC can be compressed to a tighter packing state with lower IFT
than that is achieved by self-assembly alone by artificially reducing drop volume.
Comparing results from Table 4.1, we find that volume reduction after monolayer
formation results in monolayers that are remarkably more suitable for DIB formation
than that is achievable by uncompressed, self-assembled monolayers.
4.4.1 Explanation for improved DIB formation success rate
All lipids under consideration are made up of identical phosphatidylcholine (PC) head
groups. However, their tail groups vary in length and in composition (see Figure 4.7
inset). DPhPC has two fully saturated 16C fatty acid chains with 4 methyl groups
attached to each chain. DOPC is made up of two 18C fatty acid chains with a
single double-bond (∆9-Cis) in each chain. POPC, on the other hand, is a hybrid-
monounsaturated lipid that is made up of a fully saturated 16C chain and a mono-
unsaturated 18C (∆9-Cis) fatty acid chain. These double bond(s) found in the tail
groups of DOPC and POPC are known to induce a bend (often referred to as "kink")
in the tail.[40] These kinks weaken the tail-tail interactions between neighboring lipids
in the same layer, thereby lowering its gel-to-liquid phase transition (DOPC: -17°C
& POPC: -2°C) when compared to their saturated counterparts (DSPC: 55°C &
PSPC: 49°C).[171] On the other hand, due to reduced short-range intermolecular
interactions caused by the bulky tail groups, DPhPC lipids do not exhibit a clear
transition temperature between -120°C and 120°C.[162]
While all three lipid types are expected to be in liquid-disordered phase at RT,[171,
172] the shape and the area occupied by these molecules varies significantly. In a
natural membrane, DOPC and POPC molecules are known to induce packing defects
due to their conical shapes caused by the kinks in their tail groups. On the other
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hand, DPhPC molecules take up a cylindrical shape and thus pack well to form a
defect-free planar membrane.[7, 40, 173, 174] Results from monolayer compression
isotherm show that at the bilayer-monolayer equivalence pressure of >40 mN/m, the
area per lipid molecule is about 67.3 Å2, 57.8 Å2 and 52.5 Å2 for DPhPC, DOPC and
POPC, respectively.
Presence of other types of lipids and biomolecules in the monolayer assembly
can lead to change in the packing properties of the membrane. Previously reported
compression isotherms of DOPC and POPC monolayers in the presence of cholesterol
have shown that cholesterol molecules impose a spatial restriction on the tail groups
and drive the lipid molecules to pack closer (reduced area per molecule), thereby
reducing the extent of packing defects.[31, 175] For instance, addition of 0.25 molar
fraction cholesterol in a monolayer has been shown to reduce the area/lipid by
about 10 Å2.[171] X-ray diffraction studies have revealed that even non-surface
active molecules such as alkanes partition in between the hydrocarbon tail groups
in a monolayer and change its packing and thermodynamic properties.[115, 176–
179] Compression isotherm experiments by Thoma et al reveals that higher amounts
of alkanes can be found partitioned among the DPPC tail groups if the length of
hydrocarbon chains match the length of lipid tails.[113]
Now, combining our understanding of lipid monolayers at an oil-water interface
with compression isotherm and IFT measurements, we conclude that due to the
conical shape of DOPC, the self-assembled monolayer is, a) not packed to its
maximum packing density and contains great degree of packing defects, and b)
incorporates solvent molecules in the defects found in between its tail groups (see
schematic in Figure 4.7(b)). Reduction in area available for each lipid, brought about
by decreasing droplet volume, forces the molecules to come closer and pack in a state
that is not achieved with spontaneous assembly alone. Upon lateral compression, the
increased spatial restriction reduces the defects caused by the kinks in tail groups
by packing the lipids tighter and, in addition, squeezes out the solvent molecules
from the monolayer into the bulk.[113] This in turn, leads to a decreased IFT as
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Figure 4.7: Sketch showing organization of DPhPC (a), DOPC (b) and POPC (c)
molecules and hexadecane molecules in a monolayer formed at a hexadecane-water
interface before and after compression. The chemical structures of lipids are provided
in inset with arrows pointing at the double-bonds found in the fatty acid chains.
shown in Figure 4.4(a). In case of POPC at the end of 15 minutes, the monolayer
bares poorly-packed lipids with solvent molecules interdigitated in between the tails.
Upon compression, the packing density is increased, and eventually the tail groups
are compressed together, thereby forcing the solvents molecules to exclude from the
monolayer (see Figure 4.4(c)). We believe that the improved DIB formation success
rate is due to the combination of increased lipid packing density and a monolayer that
is free of solvent. Lastly, in case of DPhPC, which are cylindrically shaped with bulky
tails, the lipid molecules are in its tightest packing state at equilibrium with minimal
defects, thereby leaving very little free volume for organic solvent to partition into
the monolayer. Laterally compressing this monolayer leads to exclusion of DPhPC
molecules into the bulk phase with no change in packing density, hence the unchanged
IFT (in Figure 4.4(a)) and success rate.
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~1 mN/m 
~12 mN/m 
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Figure 4.8: Compression isotherms indicating collapse pressures (shaded circles) and
estimated pressure corresponding to spontaneously assembled monolayer (unshaded
circles).
4.4.2 Decrease in Area/lipid: comparing compression isotherm
with IFT
As direct comparison of IFT that is measured at OW interface (using PDT) and
surface pressure that is measured at WA interface (using Langmuir trough) is not
feasible, we make the comparison by equating the change in IFT with change in
surface pressure. Assuming the minimum tension reached in PDT measurements
(Figure 4.5) corresponds to the maximum (collapse) pressure in compression isotherm
(Figure 4.6(a)) for the given lipid type, we estimate the change in area per lipid
induced by the volume reduction steps. Shaded circles in Figure 4.8 represents the
collapse surface pressure of each monolayer and now assumed to correspond to the
average lowest IFT in PDT measurements ( 0.97 mN/m for DOPC and 1.02 mN/m
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Figure 4.9: Comparing percentage change in Volume, Surface Area and Radius of
300 nl droplet.
for POPC). The total change in IFT, ∆γ attained by volume reduction steps is given
by γspontaneous− γmin. Subtracting ∆γ from collapse pressure (Πc), should give us the
surface pressure that is achieved by spontaneous assembly (Πspontaneous) alone. These
estimated Πspontaneous for DOPC and POPC is marked by unshaded circles in Figure
4.8. Making this calculation enables us to a) estimate the area per lipid molecule
in the monolayer that is attained by spontaneous assembly alone, and b) calculate
the change in area per lipid molecule that is brought about by the step-wise volume
reduction. According to this, Figure 4.8 suggests that each DOPC molecule in a
spontaneously assembled monolayer takes up about 50.6 Å2, which is ∼3 Å2 (5.6%)
more than area at collapse pressure. In case of POPC, each molecule in the monolayer
attained at the end of 15 mins takes up about 42.3 Å2, which is ∼8 Å2 (16%) more
area than at its collapse pressure i.e., maximum packing.
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4.4.3 Required Volume Reduction and Period of Evaporation
The above analysis is used to estimate the amount of shrinkage in droplet volume
required to achieve the tightest packing before connecting them to droplets to
successfully form a DIB. Assuming a lipid-coated aqueous droplet to have a spherical
shape, a 300 nl droplet has a surface area of 2.17 mm2. A 6% and 16% reduction in
area per molecule required for DOPC and POPC requires a final surface area of 2.04
mm2 and 1.82 mm2, respectively. In terms of volume, the final volume is about 274
nl (8.7% shrinkage) and 231 nl (23% shrinkage) (see Figure 4.9). In case of POPC,
we experimentally find that the volume reduction required is about 20% even with
a 5-minute incubation time. In other words, droplets with POPC liposomes does
not require a 15-minute incubation before performing evaporation-induced shrinking.
This is probably due to the fact that a) droplets used in DIB experiments are 300
nl as opposed to 1-2 µm droplets used in pendant drop IFT measurements, and b)
self-assembly of lipids and evaporation can take place simultaneously and collectively
reduce the required incubation time.
The above analysis, in conjunction with an independent study to measure the rate
of evaporation of DI water droplets held at OA interface, can be used to estimate the
period of time a lipid-coated droplet is required to be held at the OA interface. We
estimate a 0.4 nl/s evaporation rate of DI waters placed at the OA interface (see
Appendix A.3). Therefore, we conclude that holding aqueous droplets at OA interface
for 15-20 seconds after 5 minutes of incubation time should compress the monolayer
enough to pack the lipids to its tightest state and condition the monolayers to be
suitable for DIB formation.
It is important to note that the low IFT data measured using pendant drop
tensiometer is measured using droplets sized (1-2 µl). While the accuracy of tension
values may be compromised by small droplet size, the deformation seen in these
droplets with very low IFTs are significant enough to make accurate measurements.
Quantitatively, the Beta value — a value corresponding to the shape factor of
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the droplet, is found to be within the recommended range (recommended Beta =
0.2 to 0.4). It is also important to note that the comparative analysis of IFT
and compression isotherm data in Figure 4.8 is performed only to get an estimate
of possible area change obtained by lateral compression. The true values of the
estimated change in area is subjected to high variability based on the accuracy of
either measurements; area per molecule values in compression isotherm are affected
drastically by experimental procedures and are found to be highly variable in
literature.[180]
4.5 Summary
In Summary, we demonstrated a simple evaporation-induced monolayer compression
technique to condition monolayers that are made up of unsaturated lipids in order
to enable DIB formation. To understand the change in physical state of monolayer,
we utilized pendant drop tensiometer and Langmuir trough compression isotherm to
estimate the steady-state interfacial tension and area per lipid in a monolayer, and
how these physical parameters change upon lateral compression. Lastly, we report
electrical properties of DIBs formed with DOPC and POPC, under three different
organic solvents, that were previously unable to determine due to their inability to
form stable bilayers.
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Chapter 5
Improving Bilayer Stability and
Portability Using Polymer
Encapsulation
5.1 Introduction
Conventional DIBs are formed with two immiscible liquid phases placed in an open
substrate, consequently making it prone to spillage, contamination and requires
delicate handling with very limited portability. Thus, a convenient and robust
DIB platform with an significantly improved durability and portability without
compromising the basic functionalities of a lipid bilayer is still needed. In this chapter
we present results from our efforts to fulfil this need. ∗
∗Results presented here are reproduced from our published work: Venkatesan, Guru A., and
Stephen A. Sarles. "Droplet immobilization within a polymeric organogel improves lipid bilayer
durability and portability." Lab on a Chip 16.11 (2016): 2116-2125.
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5.2 Objective and Approach
The objective of this work is to improve to transform DIBs, a lab-based technique, into
a more portable and durable material system that is easier to handle without compro-
mising membrane integrity or functionality or losing advantages of a conventional DIB
system. We study the use of a phase-changing poly[styrene-b-(ethylene-co-butylene)-
b-styrene] (SEBS) organogel that solidifies from a molten liquid to a soft elastic gel at
∼40°C for developing a novel liquid-in-gel encapsulated DIB system that has improved
portability and durability as compared to DIB systems that have been studied thus
far. This temperature-sensitive organogel material is made by dissolving SEBS, a tri-
block copolymer and thermoplastic elastomer, in hexadecane and heating the mixture
to >40°C; we use this molten mixture to replace the bulk organic phase that surrounds
the lipid-coated aqueous droplets. To properly examine this substitution, we perform
experiments on DIBs formed in the presence and absence of SEBS at both 50°C
and near room temperature to confirm that both lipid monolayer self-assembly and
bilayer thinning between droplets are unobstructed by the presence of SEBS polymer
molecules in the oil. We also record alamethicin ion channel gating in liquid-in-gel
DIBs to demonstrate that the basic structural and functional properties of the lipid
bilayer are retained, and we demonstrate that droplet encapsulation using organogel
successively immobilizes droplets in place and cushions them during accelerations,
thereby achieving increased DIB durability and portability.
5.2.1 Liquid-in-gel DIB formation
In addition to the experimental setup required for forming conventional DIB as
mentioned in Chapter 2, a heating module consisting of a heating pad and a
thermocouple are used to assemble organogel-encapsulated DIBs. A 30 mm x 30 mm
resistive heating element (Omega, KHLV-101/10) is placed underneath a PMMA
or PDMS substrate and connected to a BK Precision 1788 digital power supply.
The tip of a thermocouple (Omega, P/N:JMTSS-020U-6)) probe is placed under
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Molten SEBS-hexadecane Molten SEBS-hexadecane
50°C 50°C
2-3 min
3-5 min
Cool down
Hexadecane
25°C (RT)
Aqueous lipid solution
(a)
(b)
Lipid bilayer
Organogel
SEBS-hexadecane gel
25°C (RT)
Lipid 
monolayerThermocouple
Liquid-in-liquid DIB
Liquid-in-gel DIB
Figure 5.1: Procedure for assembling a single DIB using: A) the liquid-in-liquid
method, and B) the liquid-in-gel method. Note: electrodes not shown for clarity.
the bulk solvent, adjacent to the aqueous droplets as shown in Figure 5.1(b). This
allows close monitoring of the temperature of the external phase that surrounds the
droplets. First, about 250 µl of molten SEBS/hexadecane solution is dispensed into
the droplet compartment and the heater is turned on such that the temperature in
the droplet compartment reaches 50°C. At this temperature, the SEBS/hexadecane
mixture remains in the molten phase with a viscosity of ∼16mPa.s. In comparison,
hexadecane and AR20 silicone oil (Sigma Aldrich), which have both been used as
the oil phase for DIB formation at room temperature, have viscosities of 3 mPa.s
and 20 mPa.s, respectively. 200-500 nl aqueous droplets are then pipetted into the
substrate and are brought together after 2-3 minutes to form a DIB. Once the bilayer
is formed, the heater is turned off to passively cool (∼2°C/min maximum cooling
rate) the system to room temperature. The molten SEBS/hexadecane mixture starts
to gelate upon cooling below 40°C where it turns into a weak gel at room temperature
with a storage modulus of ∼11 Pa at 1 rad/s (liquid to gel transition can be observed
as cooled below 40°C).
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Figure 5.2: Schematic of experimental setup for durability test.
5.2.2 DIB Durability Test
The durability of DIBs is quantified by performing vibration experiments in which
the DIB embodiments are vibrated horizontally in a direction perpendicular to the
bilayer as shown in Figure 5.2. The DIB systems are vibrated at multiple frequencies
ranging from 10 Hz to 60 Hz and varying displacements in order to impose a range
of accelerations. An L-shaped stage made of aluminum is fixed to an electromagnetic
shaker (Bru¨el & Kjaer 4810), which is mounted firmly on a vibration isolation table.
The shaker is driven by a sinusoidal voltage waveform output by a custom LabVIEW
program. A KEPCO BOP 20-5D power amplifier is used to deliver the required
current to the shaker. An accelerometer (PCB Piezoelectronics; model 480E09) is
mounted on the aluminum stage in the direction of the vibration to measure the
amount of applied acceleration. The voltage output from the piezoelectric sensor is
digitized using the Digidata 1440A and the acceleration is computed using AxoScope
software. In addition to the vibration experiment, the durability of the liquid-in-
gel DIB is also investigated by performing a simple drop experiment in which a
PDMS substrate containing a liquid-in-gel DIB is dropped from varying heights onto
a table until the bilayer ruptures and the droplets coalesce. Visual detection of droplet
coalescence is aided by adding water-soluble food coloring into one of the two droplets.
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5.3 Results and Discussion
5.3.1 Rheology Measurement
Rheometric measurements were performed by using a parallel plate rheometer (TA
Discovery Hybrid Rheometer). Experiments were run from 25°C to 55°C with 5°C
steps from angular frequencies 0.25 rad/s to 100 rad/s.
5.3.2 Encapsulation of DIB
SEBS triblock copolymer consists of glassy polystyrene (PS) endblocks and a rubbery
pol(ethylene-butylene) (PEB) midblock. The SEBS (Kraton G1650) used in this
work is 31% polystyrene with a fractional molecular weight of 27 900 g mol−1
and 69% poly(ethylene-butylene) with a fractional molecular weight of 62100 g
mol−1.[181] When mixed with a midblock-selective solvent such as hexadecane at
elevated temperature (>100°C), a clear homogenous solution is obtained in which the
polymer molecules exist in disordered state. When cooled below the order-disorder
transition temperature (∼45°C; see Figure 5.3(A-C) for rheology data), SEBS triblock
molecules microphase segregate to form a weak gel in which the polymers are present
in an ordered state. During this microphase segregation (order-disorder transition),
the PS-endblocks that are insoluble in hexadecane cluster together to form nanoscopic
micelle cores, while the soluble PEB-midblocks either loop into the same PS core or
span between adjacent PS cores in a hexadecane-filled inter-micellar space to form a
continuous organic gel.[182, 183] At high concentrations of SEBS/hexadecane (≥50
mg ml−1), the organogel shows flexibility and retains its shape (see Figure 5.5(D)); at
10 mg ml−1 used herein for encapsulation, the gel does not hold shape very well and
is considerably more viscous. While this process requires heating to ∼45°C, we note
that this temperature is below the denaturation temperature of many peptides and
proteins, including that for alamethicin, α-hemolysin, and bacteriorhodopsin, which
denature above 65°C,[184, 185] which have been frequently incorporated into DIBs
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(A) (B)
(C) (D)
Figure 5.3: Loss modulus (A), storage modulus (B), and complex viscosity (C) of
10 mg/ml SEBS/hexadecane mixture plotted with respect to angular frequencies at
various temperatures (25-55°C). A dog-bone shaped specimen made from 50 mg/ml
SEBS/hexadecane shows flexibility and shape retaining property of the organogel
(D).
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to provide stimuli-responsive functionality or enhance transport. Therefore, this
material should be compatible with many types of functional biomolecules.
It has been shown previously that connecting aqueous droplets containing DPhPC
liposomes after incubating them in hexadecane for 5 minutes at room temperature
yields DIBs nearly 100% of the time. For the same sized droplets placed under molten
SEBS/hexadecane at 50°C, we observe that droplets in contact spontaneously form
a stable adhesive interface at a rate of ca. 80% (n = 40 trials) when they are joined
after 2 to 3 minutes for monolayer assembly. In contrast, droplet coalescence occurs
when the incubation time is shorter than 1 minute. Yet, longer incubation time does
not improve the success rate of DIB formation. In fact, connecting droplets after more
than 5 minutes of incubation results in neither coalescence nor spontaneous bilayer
thinning. The observation that droplets simply remain separate instead of forming
an adhesive connection suggests either that SEBS triblocks interact with the lipid
monolayers or multiple layers of lipids assemble at the oil-water interface,[151, 165]
both which make bilayer formation unfavorable. Compared to assembly of lipids in the
absence of SEBS and at room temperature, we attribute the shorter incubation time
required for droplets placed in molten organogel versus hexadecane to the increased
rate of monolayer assembly expected at an elevated temperature. DIBs formed in
molten gel are found to be stable for several minutes. However, we observe that
usually within 10 minutes, the droplet pair fall off the suspended wire-type electrodes,
which is likely due to accelerated droplet shrinkage at an elevated temperature
which we believe leads to a decreased interfacial tension and poorer adhesion to the
electrodes caused by tighter packing of lipids in the monolayer. Cooling the system to
room temperature causes the organic phase to gel. Similar to the use of microfluidic
methods for DIB encapsulation,[186] this transformation restrains the droplets in
place and preserves electrical contact with the droplets without disturbing the bilayer
formed at the interface. Once cooled, the bilayer is found to be stable for a minimum of
12 hours, similar to that observed for conventional DIB. Figure 5.4 shows bright-field
images of a DIB in molten and cooled SEBS gel. Unlike prior studies which yielded
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(A) (B)
SEBS/Hexadecane (molten) SEBS/Hexadecane (gel)
Figure 5.4: Micrographs of a DIB formed in molten 10mg/ml SEBS-gel (A) and
cooled to room temperature (B). Scale bar represents 500 µm.
membranes that were sandwiched between hydrogels,[125] this approach results in a
liquid supported bilayer between organogel-encased droplets. The system can also
be reheated to re-melt the SEBS gel without rupturing the bilayer (Figure 5.5(A &
C)). Attempts to assemble DIBs in higher concentration SEBS/hexadecane (>30 mg
ml−1) requires heating the system to higher temperatures (>60°C) which lowered the
success rate for DIB formation.
5.3.3 Capacitance vs temperature
An important aspect of this work is to determine if SEBS copolymers present in
the external medium can stabilize the interface between droplets in the absence
of lipids. As a control experiment, aqueous droplets devoid of lipids are placed
in molten SEBS/hexadecane solution and brought into contact after 20 minutes of
incubation. These experiments (n = 5) repeatedly show that droplets coalesce when
placed in contact under molten SEBS/hexadecane without lipids present. This finding
affirms prior interfacial tension measurements,[187] which showed that, despite being
amphiphilic, these polymer molecules do not self-assemble at an oil-water interface
like lipid molecules to form a monolayer. As a result, we would not expect, nor do
we find, that SEBS molecules can stabilize the interface between two droplets.
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(A) (B)
(C) (D)
Figure 5.5: Change in nominal bilayer capacitance and temperature with time as a
DIB formed in SEBS-gel is cooled (A) and heated (C). Change in capacitance of the
same bilayers plotted w.r.t. temperature as the system is cooled (B) and heated (D).
5.3.4 Characterization of encapsulated DIB
Thickness Estimation
Thickness of the interface formed between the droplets is measured to determine
if SEBS polymer molecules are trapped in the bilayer or not. This is done by
measuring and comparing specific capacitance, Cm of interfaces formed in the presence
and absence of SEBS. Unfortunately, the Cm-measurement technique described in
Chapter 2 is inapplicable for the liquid-in-gel system at room temperature since the
positions of droplets are severely constrained in gel-encapsulated DIBs. Instead, Cm
measurements are only performed on molten gel encapsulated DIBs (at 50°C) for
which droplet manipulation is not inhibited by solidified organogel.
Specific capacitance, Cm of liquid-in-liquid DPhPC DIBs in hexadecane is found
to be 0.75 ± 0.07 µF.cm−2 (Table 5.1). Using the same measurement technique,
Taylor, et al recently reported Cm values of 0.708 ± 0.02 µF.cm−2 for DPhPC bilayers
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Table 5.1: Electrical and physical properties of liquid-in-liquid and liquid-in-gel
DIBs
Property
Liquid-in-liquid Liquid-in-gel
RT RT 50°C
Specific Capacitance, Cm (µF.cm-2) 0.75 ± 0.07 - 0.72 ± 0.05
Estimated Bilayer Thickness, d (nm) 2.6 ± 0.2 - 2.7 ± 0.2
Resistance (GΩ) 218.9 ± 72.3 257.6 ± 68.9 99.3 ± 69.8
Rupture Potential (mV) 219 ± 24 196 ± 34 161 ± 32
Electro-wetting constant, α (V-2) 11.82 ± 1.6 8.2 ± 2.2 18.7 ± 3.5
formed in hexadecane at 50°C.[94] Note that the reduced Cm at higher temperature
is due to the increase in the amount of hexadecane present in the bilayer region. In
comparison, the interface formed between aqueous droplets encapsulated in molten
SEBS-gel at 50°C is found to have a specific capacitance of 0.72± 0.05 µF.cm−2, which
is not significantly different (t(10)=0.542, p=0.599) from that of liquid-in-liquid DIBs
formed in hexadecane at the same temperature. Using Equation 1, we see that these
values for Cm yield estimates of ca. 2.6-2.7 nm for the hydrophobic thickness of the
membrane in the presence and absence of SEBS in the surrounding medium at 50°C.
These statistically similar values, which match well with the literature, thus prove
that the interface between droplets is that of a single lipid bilayer and that it does
not contain any trapped SEBS in the molten state.[5, 147]
It is well established that small hydrophobic molecules, like those of n-alkanes
of equal or lesser length than that of the phospholipid acyl chains,[188] can remain
trapped in a planar lipid bilayer. More specifically, the presence of solvent in a bilayer
can increase membrane thickness (and thus decrease specific capacitance) as well as
increase the lateral tension of bilayer due to increasing spacing between neighboring
lipids. In DIBs, where the volume of the aqueous phase is conserved, increasing the
bilayer tension relative to that of the monolayers results in a decrease in the area
of adhesion between adhesive droplets. For example, a DIB in decane (142 g.mol−1)
has more solvent in the bilayer region leading to higher bilayer tension and a smaller
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bilayer area than is obtained with hexadecane (226 g.mol−1) as the oil. Conversely,
a larger-molecule solvent such as squalene (411 g.mol−1) yields a more "solvent-free"
DIB with a larger contact area due to the poorer solubility of the oil in the acyl chains
of the monolayers.[189] The SEBS copolymers used in this work are significantly larger
(90 kg.mol−1) than solvents such as hexadecane and squalene used to form DIBs to-
date. Therefore, SEBS molecules are expected, and found (at 50°C), to be completely
excluded from the hydrophobic region of the bilayer, but not necessarily change how
much hexadecane remains in the membrane (<10% for DPhPC bilayers at RT).[5]
As a result, the estimated hydrophobic thicknesses of bilayers formed in liquid-in-gel
system in the molten state are very similar to those of liquid-in-liquid DIBs formed
in hexadecane alone.
Achieving a polymer-free DIB in the molten state for the organogel mixture also
means that it is highly unlikely for polymer species to enter the membrane upon
cooling to the gelled state, where triblocks integrate into a gel network that has an
even higher molecular weight. Specifically, at room temperature, the interconnected
polystyrene cores in this gel matrix are found to be about 7 nm wide,[181] which makes
it highly unlikely for SEBS polymers or aggregates to enter the hydrophobic region of
the bilayer. Note that the slight reduction in nominal membrane capacitance during
cooling process (Figure 5.5(B)) is due to the reduction in the amount of hexadecane
trapped in the bilayer region. This further supports our claim that polymer molecules
do not incorporate into membrane upon cooling (or reheating).
Electrical Characterization
The electrical properties of liquid-in-liquid DIBs and liquid-in-gel DPhPC DIBs are
also compared in Table 5.1. A high bilayer resistance is indicative of a desirable
leak-free membrane. Figure 5.6 shows the current-voltage response from which
resistance is calculated as described in Chapter 2. Rupture potential gives information
regarding the practical voltage range that can be applied to the bilayer before
complete breakdown of bilayer takes place, causing droplet coalescence. Resistance
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Liquid-in-gel
257.6 ± 68.9 GΩ 
Liquid-in-liquid
218.9 ± 72.3 GΩ
(A) (B)
(C)
Liquid-in-molten gel
99.3 ± 69.8 GΩ 
Figure 5.6: Electrical resistances of A) liquid-in-liquid, B) Liquid-in-gel (20°C),
and C) Liquid-in-molten gel (50°C) are calculated by finding the slope of the current
versus voltage plot.
and bilayer rupture potential of liquid-in-gel DIBs (257 ± 68.9 GΩ ; 196 ± 34 mV)
are found to be not significantly different from that of liquid-in-liquid DIBs (218.9 ±
72.3 GΩ ; 219 ± 24 mV); unpaired t-test values for resistance (t(6)=0.77, p=0.468)
and rupture potential (t(6)=1.105, p=0.311) further prove that these membrane
properties are statistically similar (i.e., p>0.05). However, the electrical resistance of
liquid-in-molten gel DIBs are found to be significantly lower than liquid-in-gel DIBs;
a calculated t-test value of t(6)=3.228, p=0.018 is obtained, which shows that the
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Figure 5.7: Electrowetting behavior of DIB SEBS-gel and liquid-in-liquid DIB at
RT (blue) and 50°C (red); the increase in capacitance of bilayer with applied voltage
is plotted according Equation 1 (A). (B) Bright-field microscopic images of a single
DIB at 0 and 150 mV applied voltage in molten and gelled SEBS.
membrane resistance is statistically higher once the system is cooled. A decrease in
bilayer resistance at elevated temperatures has been reported in previous works.
Electrowetting Responses to Assess Gel Confinement of DIBs
Application of a voltage across a lipid bilayer reduces its lateral tension due to
the electrowetting of the dielectric between droplets, which increases the contact
angle between the pair and the interfacial area, due to the conservation of droplet
volume.[91] This increase in bilayer area causes nominal membrane capacitance to
increase with the magnitude of the applied voltage. In oil-rich membranes, an
applied voltage can also increase the capacitance per unit area of a membrane as a
result electrostriction that reduces the hydrophobic thickness of the bilayer. However,
this increase in specific capacitance was found to be relatively insignificant (<1.5%
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for ±100mV) for DPhPC bilayers formed in hexadecane. Therefore, the nominal
capacitance of a DIB in hexadecane is expected to increase as given by
C(V ) = C0(1 + αV
2) (5.1)
where, C(V) is the bilayer capacitance at applied voltage, V, C0 is the capacitance
at zero volts, and α is the electrowetting proportionality constant with a value ≥ 0.
We aim to qualitatively evaluate differences in DIB confinement caused by the
organogel by comparing the amount by which the membrane can increase in area due
to electrowetting. The electrowetting responses of DIBs formed in liquid and in gel
are quantified by measuring nominal bilayer capacitance at varying DC biases from
0 to +150 mV. Figure 5.7(a) shows the normalized capacitance, (C(V) - C(0)/C0,
versus the square of the voltage for representative measurements on these DIB
systems. In this representation, we see that all conditions exhibit a fairly linear
relationship between normalized capacitance and voltage squared, where the slope of
each represents α.
Liquid-in-liquid DIBs whose boundaries are not constrained by the surrounding
medium exhibit an average α value of 11.82 ± 1.6 V−2 at RT and 17.02 ± 3.0 V−2
at 50°C. Liquid-in-molten gel DIBs are found to produce a comparable α value of
about 18.7 ± 3.5 V−2. Liquid-in-gel DIBs, on the other hand, display a reduced α
value of 8.2 ± 2.2 V−2, suggesting that the gel imposes a geometric constraint on the
bilayer. Figure 5.7(b) shows microscopic images of bilayers and the measured bilayer
size under 0 mV and +150 mV applied voltage for liquid-in-gel system at molten state
(50°C) and at gel state (room temperature). The difference in bilayer size between the
molten and gel states at 0 mV is due to a small drift in the relative electrode positions
during the cooling process. Nevertheless, the constriction of electrowetting-induced
bilayer growth at gelled state is evident from the difference between the measured
bilayer sizes at 150 mV: a ∼36 µm increase in equivalent bilayer diameter for molten
state as opposed to ∼19 µm for gel state. Similar magnitude of bilayer growth was
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Figure 5.8: Appearance of hexadecane-filled gap between the droplet phase and
SEBS-gel phase due to the evaporation of droplet phase.
reported for liquid-in-liquid DIBs in prior literature.[91] While the reduced α value
can be attributed to the constrained annulus, it is important to note that α is not
zero. This finding could be due to: a) a thin layer of liquid hexadecane separating the
water droplets from the gel, allowing for some bilayer expansion, b) the low stiffness of
soft gel, which allows electrowetting to compress the organogel in the annulus region
and allow bilayer expansion, or c) combination of both a & b (see Figure 5.8).
It is well known that aqueous droplets placed under hexadecane are known to
shrink over time due to the evaporation of water molecules. As a result of this effect,
bilayer buckling was observed when femtoliter droplets are used to form DIBs using
DOPC lipid in soybean oil.[96] Figure 5.8 shows a phase contrast images of a bilayer
taken at t=0 min and 60 min. Image taken after 60 min shows a clear ∼24 µm gap
between the aqueous volume and the SEBS-gel that is not present initially (at t=0
min). This gap, which grows at a rate proportional to that of droplet shrinkage, is
presumed to be filled with liquid hexadecane as macrophase separation of hexadecane
from a SEBS-gel matrix is expected.[190] Careful analysis of phase contrast images
have shown that the SEBS-gel boundary does not change even after longer periods of
time. The increasing gap between the SEBS-gel boundary and the aqueous droplets
is expected to exhibit a higher electro-wetting constant than that is seen during first
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few minutes. Therefore, all the electro-wetting measurements conducted at room
temperature are done immediately after the gel is cooled to room temperature.
Verification of Functional Properties of Membrane-Bound Peptides
Alamethicin is a voltage-activated, pore-forming peptide that forms ion channels
in fluid lipid bilayers.[191] To further validate that the interface between gel-
encapsulated droplets is in fact a lipid bilayer and not a polymeric interface, we
added 1 µM alamethicin to the liposome solutions that comprise the droplets. Figure
5.9 shows the ion currents through alamethicin channels contained in a liquid-in-
gel DPhPC bilayer at 25°C in response to an applied voltage of +175 mV. The
corresponding histogram of conductance levels (i.e. current divided by applied
voltage; unit: pS) shows multiple discrete conductance levels and sub-conductance
levels that are characteristic of alamethicin channels in a fluid lipid bilayer.[192] In
comparison, measurements of alamethicin gating in a DIB surrounded by molten gel
at 50°C shows shorter channel dwell times ("flicker") when compared to its activity at
room temperature (Figure 5.10). This channel activity at both temperatures confirms
that the membrane retains its fluid environment across the temperature range, which
enables channel insertion, and, at least for alamethicin, we observe that the heating
required to assemble the DIB within a molten gel does not prevent functional channel
activity upon cooling to room temperature.
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(B)
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207.5 pS
388.6 pS
805.8 pS
1011 pS
1789 pS
(D)
Figure 5.9: Single-channel alamethicin recording at +175 mV applied voltage at
room temperature (A-C). (D) Histogram of conductance levels corresponding to trace
in A. Normalized conductance ratios with respect to the first conductance level are
found to be 1:2 (1st to 2nd level), 1:4 (1st to 3rd), 1:5 (1st to 4th) & 1:9 (1st to 5th).
20 sec
0.2 sec
(A)
(B)
217.8 pS
363.3 pS
577.8 pS
174.5 pS
(C)
Figure 5.10: Electrical activity of Alamethicin at +175 mV applied voltage at 50°C
(A) & (B). C) The histogram of conductance levels corresponding to the trace shown
in (A).
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Vibration Experiments to Quantify Durability of DIBs
Two modes of DIB failure are observed during the vibration experiments: droplet
separation and droplet coalescence induced by bilayer rupture. In Figure 5.11(a), the
data from these experiments are presented in a way that shows, versus frequency, the
applied acceleration that induces loss of the bilayer. Note that for liquid-in-liquid
DIBs, this value of acceleration does not account for acceleration amplification due to
droplet motions relative to the substrate, as described previously.[124] Nonetheless,
similar to this prior study, we find that liquid-in-liquid DIBs (o) exhibit droplet
separation at a comparable average of 2.1 ± 1.0 g (n = 14) across the frequency
range from 35 to 60 Hz. In contrast, liquid-in-gel DIBs shaken at maximum achievable
accelerations below 50 Hz (due to the power limitation of the shaker) did not separate
or rupture (4). However, when accelerated at 50 Hz and 60 Hz, liquid-in-gel DIBs
(N) ruptured at an average acceleration of 6.0 ± 1.9 g (n = 9) (Figure 5.11(b)).
An unpaired t-test result of t (11) = 2.68, p = 0.0216 performed on this subset
population (50 & 60 Hz) of bilayer failure accelerations thus confirms that the liquid-
in-gel DIBs rupture at a significantly higher applied acceleration. Similar modes
of failure were reported for un-encapsulated and PDMS-encapsulated DIBs. Across
the frequencies tested herein, SEBS-encapsulated DIBs are found to be comparably
durable to PDMS-encapsulated DIBs reported previously by Sarles and Leo.
In addition to the critical accelerations that can be withstood, this experiment
again shows that the amount of confinement surrounding the adhesive droplets affects
the mode of failure. We observe that droplet pairs placed in liquid hexadecane are not
constrained in their relative positions due to the absence of contact to solid supports
on all sides, except beneath the droplets. This lack of confinement allows droplets
to both deform from their static spherical shapes and move relative to one another,
leading to droplet separation, and thus bilayer unzipping, upon vibration. Droplet
deformation could also lead to an increase in monolayer tension (due to transient
fluctuations in surface area), which may also lead to bilayer unzipping according to
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Figure 5.11: Measured values of applied acceleration that triggered bilayer failure
for liquid-in-liquid and liquid-in-gel DIBs, plotted with respect to excitation frequency
(A). Bar graph comparing the average accelerations at failure across all frequencies
(n = 14; left), and at 50 & 60 Hz (n ≥ 4; right) (B). Error bars represent ± one
standard deviation.
the force balance equation described by Young-Dupre´.[92] SEBS-encapsulated droplet
pairs, on the other hand, are surrounded by gel (in all directions except for the thin
region beneath the droplets) that highly constrains droplet deformation and provides
structural support to the droplet pair as a whole. Therefore, when vibrated, due
to the minimized droplet deformation and relative motion between the droplets, the
droplets do not separate and thus, can withstand higher levels of acceleration because
of the additional support when compared to liquid-in-liquid DIBs. However, at high
accelerations (>6 g) the bilayer experiences higher magnitude forces and the bilayer
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fails, causing the droplets to coalesce. Sarles and Leo reported droplet separation as
the mode of failure even for encapsulated DIBs (no electrodes), which is possibly due
to the amount of bulk liquid hexadecane that surrounds the aqueous droplets and the
extent to which the droplets are still free to move in the compartments.
Nevertheless, with bilayers that can withstand nearly 3X higher applied acceler-
ation, liquid-in-gel DIBs offer a more robust and more portable embodiment than
conventional DIBs. Unlike liquid-in-liquid DIB devices, liquid-in-gel DIB devices
eliminate spillage of bulk organic phase thus improving handling and portability of
the device—a feature desired in many droplet-based applications including DIBs.
A liquid-in-gel DIB formed in a PDMS substrate was subjected to a simple drop
experiment and is found to withstand a ∼0.5-foot drop with an estimated acceleration
of ∼12g felt at impact (see Movie S1 of [193]). In order to demonstrate its improved
handling, a liquid-in-gel DIB is formed on a flexible substrate (Dynaflex G6713) as
shown in Figure 5.13(a). The rupture of the bilayer is monitored visually by using
droplets containing water-soluble food coloring. Once the organogel is cooled to room
temperature, the substrate is subjected to simple handling such as moving, lifting,
flipping upside down, and bending, and the DIB is found to be preserved. Such
manipulations of a substrate containing a liquid DIB would have resulted in DIB
failure and droplet and oil spillage.
Developing a portable DIB system that can be used for long-term sensitive mea-
surements must also consider taking preventive measures from possible contaminants
such as dust particles and other aqueous droplets. Figure 5.13(b) shows a flexible
substrate with a functional DIB being submerged into water, demonstrating the
ability of the SEBS-gel to act as a physical barrier to effectively isolate the DIB
assembly from the surrounding environment and improving useful longevity (>24
hours) of sensitive experiments in settings outside of laboratories. In addition, because
SEBS encapsulation simply replaces the oil phase and does not require a specific
substrate, we envision this approach could also help protect large DIB arrays and
may even facilitate the fabrication of multilayered droplet assemblies.
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Figure 5.13(c) and Movie S2 (see [193]) demonstrates force transmission through
the gel by applying force externally to a flexible substrate that contains the DIB.
Deformation of droplets and slight increase in bilayer size can be seen when the
substrate is subjected to a force from the direction depicted by the arrow mark. Such
indirect force transmission capability, in contrast to direct application of force as
demonstrated by Najem et al., could be used for activation of mechanosensitive ion
channels like MscL by external forces, potentially eliminating the need for a complex
droplet-shaking setup and yielding new types of membrane-based materials for cell-
inspired transduction.[92]
5.3.5 Wax-encapsulated DIBs
Figure 5.12 shows images of DIBs encapsulated in 40% paraffin/hexadecane mixture.
In this experiment, a DIB is formed under 50°paraffin wax as shown in Figure 5.12
(A). As the temperture is reduced to room temperature, the wax solidifies to form an
opaque solid. During solidification, the volume of wax reduces and affects the size of
the bilayer. Nonetheless, wax-encapsulated DIBs were found to be stable even when
held in air as shown in Figure 5.12(C).
5.3.6 Conclusions
Liquid-in-gel DIBs in a polymer-based organogel encapsulation were assembled and
found to exhibit improved durability and portability at room temperature when
compared to conventional liquid-in-liquid DIBs. SEBS polymer molecules are found
to not assemble themselves or interfere with the lipid self-assembly process that forms
a monolayer at the oil-water interface. We also found that these polymer molecules
are excluded from the bilayer region during the thinning process, yielding a polymer-
free lipid bilayer that has statistically similar electrical and structural properties to
that of conventional liquid-in-liquid DIBs. The fact that DPhPC bilayers (which do
not exhibit a thermotropic transition in the temperature range tested) can withstand
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Paraffin wax
Figure 5.12: DIB formed in 40% hexadecane-paraffin wax at 50°C (A) and cooled
to room temperature (B). A wax-encapsulated DIB formed at the tip of two hanging
electrodes held in air (C). Shrinkage of paraffin upon solidification causes bilayer size
reduction or rupture.
multiple heating (50°C) and cooling (20°C) cycles required to melt and solidify the
gel indicates that this approach preserves the ability to add, remove, and rearrange
droplets in a DIB network. This temperature range should also be suitable for a
wide-variety of phospholipids, surfactants, and other biomolecules that are typically
used and studied in model membranes. Unlike a liquid solvent, using a gel-phase
material to encapsulate droplet interface bilayers facilitates force transmission to the
bilayers through the surrounding medium, enabling membrane-based materials that
could be used to sense applied force, stretch, and compression.
Furthermore, we believe that this approach could be integrated with hydrogel-
based DIB systems, in which one or both the participating aqueous droplets are
replaced with hydrogel (agarose or PEG),[186, 194] to yield gel-in-gel DIB assemblies
that could be even more mechanically stable. Our preliminary experiments show that
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(B)
(C)
Figure 5.13: Demonstrating the portability and improved handling of SEBS-
encapsulated DIBs: A) DIB formed on a flexible, open substrate, and B)
DIB submerged under water testifying physical shielding from environment. C)
Application of indirect force to perturb the DIB.
SEBS does not affect gel-in-gel bilayer formation. Alternate to a SEBS/hexadecane
organogel, SEBS/mineral oil organogel and pure paraffin wax without polymer can
also be used to achieve gel- and wax-encapsulated DIBs following the same procedure
of DIB formation in the molten organic phase (Figure 5.12). Specific advantages
of the organogel material versus paraffin wax include maintaining a transparent
encapsulation material upon gelling and a reduced volume shrinkage during the phase
transition that helps maintain the bilayer between droplets. Development of such
lipid membrane based soft-materials that are more portable and durable enables
researchers to design wider range of useful bioinspired membrane-based devices. More
broadly, we note that the approach demonstrated here can also be used for solidifying
the continuous organic phase in droplet-based emulsions assembled in both closed
microfluidic systems[195] and open surface microfluidic systems,[196, 197] where, in
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particular, the use of a solidifying external phase can be used to stabilize droplet
positions and enhance durability and portability.
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Chapter 6
3D-Printed Microscaffolds for
Horizontally-oriented Suspended
Bilayer Formation
6.1 Introduction
In this chapter, we report results from our attempts to assemble lipid monolayers
and bilayers that are positioned within the short working distances of high-resolution
microscopy. Usage of Nanoscribe direct laser writing technology to 3D print scaffolds
to assemble a non-spherical liposome was recently demonstrated by Inoue et. al.[198]
In this work, we explore this technology to print different types of 3D scaffolds that
can support horizontally-oriented suspended lipid bilayers that are positioned within
the 100-200 µm from microscope objective.
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Figure 6.1: 3D models of various designs tested in this Chapter (a-c). (a) and
(b) shows the Design style 1 (container-style scaffolds; for bilayer with two different
aqueous volumes) while (c) shows the Design type 2 (ring-type; for bilayer surrounded
with single aqueous volume). (d) shows a microfluidic chip containing a 3D printed
scaffold placed in its liquid chamber.
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6.2 Research Objective and Approach
6.2.1 Scaffold Designs
Figure 6.1 shows the two different types of scaffold designs were explored in this
work. Design type 1 includes a container-style scaffold which allows for formation of
lipid bilayer in between two different aqueous volumes. Under this type, two different
scaffold designs were printed and tested. Design 1.a is a cube-shaped micro-container
with fully or partially-open top. Partially-open top consists of a mesh-like structure
printed at the top of the opening. The thickness of the walls was set between 5 and 10
µm with a height of 10 to 25 µm. Design 1.b is a 25-75 µm tall rectangular slab (1000 x
500 µm) containing micro-wells of various shapes and opening sizes. Slabs containing
cylindrical micro-wells with radius ranging from 8 to 120 µm and cuboidal micro-
wells with dimensions between 10 and 100 µm were printed. Design type 2 includes
an elevated ring-type scaffold that enables the formation of lipid bilayer spanning
across the ring. Unlike design type 1, a bilayer formed in this design is surrounded
by a single aqueous solution. 20 and 40 µm diameter rings with a wall-thickness of
5 µm were tested in this work. Several different scaffold designs were printed using
DiLL method (as discussed in Chapter 2) using IP-S photoresist.
6.3 Method
In order to assemble a lipid bilayer that is spanning across the printed scaffolds, two
or three different solutions are needed: 2 different aqueous solutions (1 for Design type
2) and a lipid/organic solvent. Aqueous solutions were made up of buffer containing
100 mM NaCl, 10 mM MOPS, pH 7.0 with different colored solutions (food coloring).
2 mg/ml glyceryl monooleate (GMO)/Hexadecane is used as the lipid/organic solvent
solution because of GMO’s ability to rapidly self-assemble (within seconds) to form a
well-packed monolayer at OW interface. These solutions are sequentially introduced
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Figure 6.2: Procedure showing sequentially dispensing different solutions using a
pipette.
into the system using two different methods: manual pipetting and syringe-pump
injection within a microfluidic channel.
Using manual pipetting
First, due to the simplicity of the steps involved, we tested the applicability of
sequential dispensing of different solutions using a manual pipette. Figure 6.2 shows
the sequence in which different solutions were added onto the printed scaffolds. About
300 to 800 nl of each solution was added in each step.
Using microfluidic chamber
Next, to utilize the controlled flow of liquids offered by microfluidics, we performed
another series of experiments using a standard microfluidic setup that consisted of a
dual syringe pump (Gemini 88, KD Scientific), syringes, 4-way valve (Cole-Parmer)
and a microfluidic chip with printed scaffold is used. Lipid monolayers and bilayers
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are assembled on the printed scaffolds by sequential flow of aqueous and lipid-in-
oil solutions through the microfluidic chamber. Two slightly different protocols were
attempted during the preliminary testing. The first protocol involves flowing aqueous
solution 1 (with red food coloring), GMO/Hexadecane and aqueous solution 2 (with
yellow food coloring) in the given order (see Figure 6.3). In the second protocol,
before passing the aqueous solution 1, the microfluidic chamber is first filled with
plain alkane solution in order to achieve different initial wetting conditions. Three
different 3 ml syringe (BD Syringe) fitted with blunt needles are filled with liquids
and are fitted to the syringe pump. Flow rates between 1 µl/min to 100 µl/min were
tested. For Design type 2, a single aqueous solution was passed through the chamber
before and after passing lipid/alkane solution.
6.4 Results and Discussion
6.4.1 Manual Solution Exchange
Manually pipetting different solutions offers the advantage of quick solution exchange
and avoids plasma oxidation (required for bonding PDMS to coverslip). However,
with minimal control on flow rate, exchange of solutions is observed to be crude
and dependent on coverslip’s tendency to preferentially wet different solutions. In
addition, removal of solutions had to be performed by using pipettes or cleaning
wipes, which often resulted in damaging or dislodging the scaffolds. Results from
manual pipetting experiments are not shown here.
6.4.2 Microfluidics for Sequential Solution Exchange
Usage of syringe pump in conjunction with microfluidic chip offers gentle flow of
solutions. However, the main drawback of using syringe pump for flowing solutions
is the waiting time experienced between different solutions; based on the length of
tubing, about 10-20 minute waiting period is noticed between solution exchange inside
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Figure 6.3: (a) Front view of the fully assembled microfluidic chip enclosing the 3D
printed scaffold. Red box shows the zoomed-in view of the printed scaffold placed
in the liquid chamber. (b-d) show the experimental procedure to assemble a lipid
bilayer. First, aqueous solution 1 is filled in the liquid chamber and in the micro-wells
of scaffold (b). Following this, lipid/alkane solution is passed through the chamber
(c). This displaces the aqueous solution 1 from the chamber leaving behind the
volume filled in the micro-well. A lipid monolayer is formed at the water-oil interface
on top of the micro-well. Finally, aqueous solution 2 is passed through to replace the
lipid/alkane and form a bilayer at the opening of the micro-well (d).
the microfluidic chip. Nonetheless, the results produced with this method are found
to be more promising and repeatable. The results discussed in this chapter were
performed using microfluidics method.
Figure 6.4(b) shows brightfield micrographs of results obtained using Design 1.a.
After the flow of aqueous solution 1, the inside and outside of the cubes were filled
both filled with solution 1. Air trapped in these cubes slowly excluded within a
minute. After 10-15 minutes, flow of lipid/alkane mixture began to displace the
aqueous solution 1 trapped inside the cube. However, after partial exclusion the
inside of the cubes were occupied by solution 1 and lipid/alkane mixture. After the
flow of aqueous solution 2 through the microfluidic chamber, no change in solution
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Lipid bilayers? (a) (b) 
Figure 6.4: Brightfield microscopic images of cube-scaffolds shown in Figure 6.1(a)
(Design 1.a). (a) Image of an empty substrate and (b) shows scaffolds partially filled
with aq. solution 1 and the chamber filled with aq. solution 2, separated by a layer
of lipid/alkane. The dark circles seen on top of the cubes in inset are expected to be
lipid bilayers.
1 volume was noticed, confirming the presence of a separation layer between the two
aqueous solutions. While the diffraction patterns shown in inset seem to suggest the
possibility of lipid bilayers present between the aqueous solutions, this result cannot
be used as a confirmation for bilayer formation.
Figure 6.5 shows fluorescence images of results obtained using Design 1.b. The
procedure used in this test is same as discussed above. However, aqueous solution 1
in this case contained a 50 mM carboxyfluorescein (CF) dye. This allowed to better
assess the presence of different solutions inside and outside the micro-wells. Figure
6.5(a) shows 4 micro-wells filled with CF. After sequential flow of lipid/alkane followed
by aqueous solution 2, Figure 6.5(b) shows the presence of CF trapped inside one of
the micro-wells. The other 3 micro-wells that previously contained CF coalesced with
the aqueous solution 2, thus losing the fluorescent content. After few minutes, the CF
trapped inside the cylindrical micro-well too disappeared, possibly due to coalescence
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Figure 6.5: Fluorescent images showing CF-filled micro-wells (a), and a possible
lipid bilayer assembled on top of a micro-well (b). Inset shows a zoomed-in, contrast-
adjusted image of (b). (c) shows the same scaffold without the trapped CF found in
(b). 3D view of design 1.b is shown in Figure 6.1(b).
with solution 2. Similar to results discussed in Design 1.a, results observed in this
design confirms the entrapment of solution 1 inside and solution 2 outside with a
separating lipid/alkane solution but does not confirm the formation of lipid bilayer.
Results obtained from Design 2 are shown in Figure 6.6. First, GMO/hexadecane
was passed through the liquid chamber. Flow of aqueous solution 1 through chamber
replaced most of the lipid/alkane solution around the scaffold assembly. However, as
seen in Figure 6.6(a), some lipid/alkane is found to be trapped within the scaffold
structures, which lead to the formation of lipid monolayer. Figure 6.6(b & c) shows
the brightfield and phase-contrast images of the scaffolds supporting lipid monolayers,
respectively. Successive flow of lipid/alkane replaced the entire aqueous solution,
leaving behind a alkane filled scaffold. We conclude that iterating the dimensions,
especially the height, of the scaffolds could help replace the lipid/alkane underneath
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Hexadecane
Aqueous solution 1
Lipid/Oil trapped around scaffold(a) (b) (c) 
Figure 6.6: Brightfield (a, b) and phase contrast (c) microscopic images showing
printed ring-type scaffolds. (Design 2 in Figure 6.1(c))
the rings and lead to the formation of lipid bilayer as opposed to the monolayer formed
here.
6.5 Summary and Future Directions
In summary, usage of Nanoscribe direct laser writing to print scaffolds for horizontally-
oriented suspended lipid bilayer was explored. Two different types of scaffold designs
were tested for monolayer and bilayer formation. First design includes a container-
style scaffold which allows for formation of lipid bilayer in between two different
aqueous volumes while the second design enables the formation of lipid bilayer
spanning a ring-style scaffold surrounded by a single aqueous solution. In general, the
wetting properties of printed scaffolds is found to be the leading factor in deciding the
ability to assemble lipid bilayers. Therefore, more experiments need to be performed
by systematically varying the wetting properties of scaffold. This can either be
done by choice of photoresist or by using surface modification methods (such as
spatially-controlled silanizing or plasma treating). Another possible design is to
print scaffolds with two different photoresists with different wetting conditions: a
hydrophilic container to hold water and a hydrophobic layer on top to support oil -
mimicking Teflon membrane in BLMs.
While images shown in Figure 6.4 suggest a possibility of lipid bilayer formation
spanning the micro-well, we must prove that the interface formed is in fact a lipid
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bilayer and not a thick layer of lipid/alkane solution trapped between two monolayers.
In order to confirm bilayer formation, an established fluorescent-leakage experiment
can be performed. To accomplish this, aqueous solution 1 containing calcein (a
fluorescent dye) is filled in the micro-wells. After passing lipid/alkane, aqueous
solution 2 containing α-hemolysin (α-HL), a pore-forming transmembrane protein
that is known to transport calcein dye across a lipid bilayer, is filled outside the
micro-wells. If the interface formed in between is a lipid bilayer, α-HL is expected to
insert in the bilayer and transport calcein from inside the micro-well to the aqueous
solution 2. This transport of calcein across the bilayer can be quantified by measuring
the temporal change in fluorescence intensity inside the micro-wells; over time, the
fluorescence intensity is expected to reduce at a rate proportional to the number of
α-HL inserted in the bilayer.[199] If the interface formed is not a lipid bilayer, the
fluorescence intensity should remain unchanged over time as α-HL is expected to not
insert in a thick layer of alkane. This simple fluorescent leakage experiment should
help prove the formation of a lipid bilayer. With a proven protocol to assemble lipid
bilayers on these printed scaffolds, various scaffold designs can then be explored to
create arrays of bilayers suitable for high-resolution microscopy. Addition of thin-film
electrodes in each of the micro-wells will enable simultaneous electrical and optical
interrogation of lipid bilayers and greatly increase the applicability of these 3D printed
scaffolds.
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Chapter 7
Summary and Conclusions
7.1 Research Overview
The overarching goal of this work is to further our understanding of lipid self-assembly
and its organization at an OW interface to support the development of synthetic lipid
bilayer systems that can be used in biologically relevant fields such as membrane
biophysics, protein electrophysiology, development of synthetic biomolecules, drugs
and nanoparticles for various applications. The primary focus of this work lies on a)
improving the success rate and number of lipids that can form DIBs, b) improving
the portability and durability of DIB system, and c) development of system to
assemble lipid bilayers specifically for high resolution optical techniques. One of
the common underlying scientific objective across the above-mentioned goals is to
better understand the self-assembly of lipids to form monolayers that are then used
to form bilayers. Figure 7.1 lists the scientific gaps identified in Chapter 1 and the
contributions from this work.
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Gap	1:	Lack	of	quantitative	
explanation	for	why	lipid-in	
works	better	than	lipid-out	for	
DIB	formation.
Gap	2:	Lack	of	quantitative	
explanation	for	why	
unsaturated	lipids	are	not	
suitable	for	DIB	formation.
Gap	4:	Lack	of	an	easy	
technique	to	assemble	lipid	
bilayers	within	short	working	
distance	of	high-resolution	
microscopy.
• Designed	and	printed	micro-scaffolds	using	Nanoscribedirect	
laser	writing	technology.
• Tested	3D-printed	microscaffolds using	microfluidics	for	bilayer	
formation.
• Developed	a	novel	method	to	improve	DIB	durability	and	
portability	by	immobilizing	the	droplets	in	polymeric	organogel
without	affecting	its	functional	properties.
Gap	3:	Transform	DIBs	into	a	
more	durable	&	portable	
material	system
• Determined	the	self-assembly	kinetics	of	lipid-in	and	lipid-out	
technique.
• Determined	the	cause	of	slow	self-assembly	in	lipid-out	technique.
• Developed	a	method	to	reduce	incubation	time	and	improve	DIB	
success	rate	for	lipid-out.
• Determined	the	effect	of	lateral	compression	on	lipid	packing	in	
monolayers	formed	with	unsaturated	lipids.
• Developed	a	novel	method	to	enable	DIB	formation	with	
unsaturated	lipids	with	high	success	rates.
Lipid m
onolayer 
characterization & m
anipulation
Advancing D
IB technology
Advancing synthetic lipid bilayer
Figure 7.1: Summary of scientific gaps and contributions.
7.1.1 Contributions
Objective 1 (addressing Gap 1 & 2 ). Use dynamic interfacial tension measurements
to understand the differences in self-assembly kinetics and organization of phospho-
lipids (DPhPC, DOPC and POPC) at an OW interface when placed in water versus
hexadecane. Measuring the interfacial tension will help us answer a) why monolayer
formation takes longer for lipid-out method, b) why DIB formation success rate is
lower for lipid-out when compared to lipid-in method, and c) why unsaturated lipids
have low or zero DIB formation success rates.
• Used pendant drop tensiometer to measure the dynamic change in interfacial
tension in order to quantify the differences in self-assembly kinetics of lipids
at an OW interface when the lipids are placed in the organic phase versus the
aqueous phase. (Chapter 3)
• Utilized mathematical model and supporting molecular dynamic simulations to
analyze and explain the reasons for the differences in self-assembly kinetics. We
found that the formation of a tightly packed interface was inhibited in lipid-out
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method, likely by the formation of inverse micelle aggregates on the oil side of
the partially-packed monolayer. This explains the poor DIB formation success
rates anecdotally seen when lipid-out method is employed. (Chapter 3)
• Used a stirring mechanism in conjunction with pendant drop tensiometer to
study the effect of convective flow in rate of monolayer formation for lipid-out
method. (Chapter 3)
• Utilized pendant drop tensiometer and Langmuir-Blodgett trough to under-
stand the compression-induced change in molecular organization of saturated
and unsaturated lipids found in the monolayer formed at an OW and OA
interface, respectively. We found that, unlike saturated lipids like DPhPC,
unsaturated lipids fail to spontaneously assemble to form a monolayer that is
in tightest packing state. In addition, we found that laterally compressing the
partially-packed monolayers of unsaturated lipids can drive the lipids closer to
achieve tighter packing. (Chapter 4)
Objective 2 (addressing Gap 1 & 2 ). Develop methods to reduce incubation time
and improve bilayer formation success rate for lipid-out technique. Develop an active-
packing technique to achieve monolayers suitable for DIB formation using unsaturated
lipids (DOPC and POPC).
• Proved the applicability of convective flow to reduce incubation time and
improve monolayer packing to increase DIB formation success rate for lipid-
out method. (Chapter 3)
• Developed a simple evaporation-induced monolayer compression technique to
condition partially-packed monolayers that are made up of unsaturated lipids
(specifically, DOPC and POPC) to reach tightest packing state. This technique
was then used to enable formation of stable DIB using unsaturated lipids that
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were previously unrealizable. Electrical properties of these DIBs were also
characterized. (Chapter 4)
Objective 3 (addressing Gap 3 ). Develop new methods to transform DIB, a lab-
based technique, into a more portable and durable material system that is easier to
handle without compromising membrane integrity, functionality or losing advantages
of a conventional DIB system. This goal will be addressed by examining the usage of
a polymer-based organogel to immobilize aqueous droplets in a DIB system in order
to achieve the above-mentioned goals.
• Developed novel method to improve the portability and durability of a
DIB system by immobilizing the aqueous droplets by replacing the liquid
organic phase with a polymer-based organogel that forms a weak-gel at room
temperature. (Chapter 5)
• The bilayer formed in this system was then proven to be devoid of polymer
molecules by using specific capacitance measurements and voltage-activated
peptide activity. (Chapter 5)
• The applicability of this new system was demonstrated by forming DIBs on
flexible substrates and submerged under water to showcase the physical stability
and shielding offered by the polymer encapsulation. (Chapter 5)
Objective 4 (addressing Gap 4 ). Construct and characterize 3D scaffolds for sup-
porting horizontally-oriented SLBs that are positioned within the short working dis-
tance required for high resolution optical techniques. The proposed approach is to use
a Nanoscribe direct writing instrument to 3D print micro-scaffolds that can support
lipid monolayers and bilayers within 100-200µm from the objective for high resolution
optical techniques.
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• Utilized Nanoscribe direct laser writing technology to print 3D scaffolds that
can support horizontally-oriented suspended lipid bilayer positioned within 100-
200µm from the objective. (Chapter 6)
• Explored several 3D scaffold designs that can support lipid monolayers and
bilayers. (Chapter 6)
• Tested the applicability of manual pipetting and microfluidics for sequential
solution exchange required for bilayer formation and found that usage of
microfluidic system offers greater control on flow rate and effective exchange
of solutions. (Chapter 6)
• We also found that wetting properties of scaffolds to be the leading factor in
deciding the ability to form lipid bilayers.
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Appendix A
Lipid Composition of Biological
Membranes
Membrane lipid composition data plotted in Figure 1.6 and 1.7 are taken from the
Tables given below.
Table A.1: Lipid composition of biological membranes
Source Cholesterol PC SPM PE PI PS PG Other
E Coli 0 - 0 80 0 0 15 5
Sindbis virus 0 26 18 35 0 20 0 0
Rat Liver ER smooth 10 55 12 21 6.7 0 0 1.9
Rat Liver 
Mitochondria (inner) 3 45 2.5 25 6 1 2 18.7
Rat Liver 
Mitochondria (outer) 5 50 5 23 13 2 2.5 4.8
Data reproduced from [2]
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Table A.2: Phospholipid fatty acid chain composition in human red blood cell
Chain length and 
unsaturation
Total 
Phospholipid SPM PC PE PS
16:0 20.1 23.6 31.2 12.9 2.7
18:0 17 5.7 11.8 11.5 37.5
18:1 13.3 1 18.9 18.1 8.1
18:2 8.6 1 22.8 7.1 3.1
20:0 1 1.9 1 1 1
20:3 1.3 0 1.9 1.5 2.6
22:0 1.9 9.5 1.9 1.5 2.6
20:4 12.6 1.4 6.7 23.7 24.2
23:0 1 2 1 1 1
24:0 4.7 22.8 1 1 1
22:4 3.1 0 1 7.5 4
24:1 4.8 24 1 1 1
22:5 2 0 1 4.3 3.4
23:0 4.2 0 2.1 8.2 10.1
Data reproduced from [3]
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Appendix B
Exponential Model for Lipid
Self-assembly
Here, we consider a time-variable adsorption rate constant, and thus the surface
pressure, as given by
ka(t) = ka(Γ∞ − Γ(t)) (B.1)
In this form, the adsorption rate constant ka is proportional to the difference in
surface pressure from its final value. Substituting 1 into Equation 2 in Chapter 3
yields an exponential, converging relationship for surface density versus time:
Γ(t) = Γ∞(1− e−kaC0t) (B.2)
Taking the logarithm of both sides and rearranging yields the following linear
equation in time that can be used to test the appropriateness of Equation 1:
ln(Γ∞ − Γ(t)/Γ∞) = −kaC0t (B.3)
The figure below shows values of surface pressure measured for DPhPC-in and
DOPC-in (2 mg/ml) plotted versus time as given in Equation 3. The fact that the
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DPhPC-in DOPC-in
Figure B.1: Values of left hand side of Equation 3 plotted versus time for DPhPC-in
and DOPC-in.
data do not adhere to a single linear relationship across the time required to reach
equilibrium indicate that a single exponent, exponential model fails to capture the
evolution in surface pressure. A similarly poor fit is found for other cases (DPhPC-out
and DOPC-out) as well (not shown).
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Appendix C
DI Water Evaporation Rate at
Oil-Air Interface
y	=	-0.2501x	+	346.9
R²	=	0.98704
y	=	-0.4304x	+	514.14
R²	=	0.99635
y	=	-0.4072x	+	492.73
R²	=	0.98757
y	=	-0.4038x	+	376.3
R²	=	0.99771
0
100
200
300
400
500
600
0 50 100 150 200 250
Dr
op
le
t	V
ol
um
e	(
nl
)
Time	(s)
Series1
Series2
Series3
Series5
Linear		(Series1)
Linear		(Series2)
Linear		(Series3)
Linear		(Series5)
Figure C.1: Rate of evaporation of DI water droplet held close to Hexadecane-
Air interface. Volumes are estimated from droplet diameter by assuming a spherical
droplet. Droplet diameter is measured using MATLAB image processing.
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